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ABSTRACT
Thrombolites are non-laminated, clotted microbialites that form by the lithification of
microbial communities through the trapping and binding of sediment and mineral precipitation.
This precipitation (microbially-induced organomineralization) is controlled by both intrinsic
(microbial; e.g. microbial metabolisms) and extrinsic (environmental; e.g. temperature) factors,
which dictate the carbonate saturation index and ultimately the precipitation of carbonate
minerals within the microbialite structure (i.e. EPS matrix). Thrombolites date back in the rock
record to the early Paleoproterozoic (ca. 1.9 Ga) and are currently forming around the world in
various climates and under a range of environmental conditions. This study compares two
markedly different modern thrombolite environments: a hard water, meromictic lake (Green
Lake, New York) and an open marine, intertidal environment (Highborne Cay, Bahamas).
In this study we use geochemical and physical data to characterize these extant thromboliteforming environments, analyze the fabric of the thrombolitic structure, and study some of the
processes of microbe-mineral interactions that lead to the formation of a microbialite. To
understand the extrinsic factors affecting microbialite growth, data such as chemical composition
of the water, temperature, salinity, light, and sediment supply are important and were collected
seasonally. Microbialite samples were analyzed using petrographic thin section, dissection, and
scanning electron microscopy (SEM) to provide a context for mineral formation and thrombolite
fabric.
Between Green Lake and Highborne Cay, differences in exposure, temperature, water
composition, and sediment supply impact the degree and location of precipitation within the
surface microbial mat and the resulting thrombolitic fabric. The emerging geomicrobiological
model for thrombolite formation in Green Lake shows mat thickness and precipitation as a factor
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of seasonality (i.e. temperature, sediment supply, light). In contrast, the model for Highborne
Cay, Bahamas shows that the growth of and precipitation within the microbialite is relatively
continuous and dependent on sediment supply.
This research provides insight into the role the macroenvironment and microorganisms play
in mineral precipitation, lithification, and overall formation of the thrombolite structures.
Additional research may help providing a link to the fossil record, using the knowledge of these
structures and their formation to understand microbialite formation in ancient environments.
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INTRODUCTION
Microbialites play an important role in our understanding of current microbial processes,
element cycling, the evolution of life on earth, and the possible existence of life elsewhere in the
universe. Microbialites dominated a major stage in Earth’s evolutionary history and extant
specimen can be considered modern-day examples of Earth’s earliest life forms. Because ancient
microbialites rarely preserve microfossils and are often diagenetically altered, microbialite fabric
morphology is important as an indicator of past life. Using geomicrobiological investigations to
understand the role of microbes and their environment in the formation of this microbialite fabric
can aid in recognizing life in the past, present, and future.

CARBON CYCLING
Microbialite formation is important in the global carbon cycle and the sequestration of
carbon through the process of organomineralization. To better interpret the impacts these
structures have on our planet over time, it is important to understand the carbon cycle on the
biologic and geologic scales.
The cycling of carbon is a dynamic process that involves interactions of the biosphere,
lithosphere, hydrosphere and atmosphere. For biological systems the carbon cycle is usually used
to describe interactions between organisms (biosphere), the hydrosphere, the lithosphere, and the
atmosphere over relatively short time periods. In geological considerations, the carbon cycle is
generally thought of as larger and much slower process largely dominated by the lithosphere,
atmosphere and hydrosphere. The flux of carbon on spatial and temporal scales can affect global
temperatures, global biomass, and, for the scope of this research, precipitation of carbonate
minerals.
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Biological Carbon Cycling (short term)
Carbon is the defining element of life. Within the biosphere, carbon is present in many
forms: as inorganic CO2 in the atmosphere; as CO2, HCO3-, and CO32- dissolved in water (see
below); as carbonate minerals in soils, sediments and rocks; and as organic carbon molecules in
organisms, sediments, and water (Knoll et al., 2012). Within the biological carbon cycle, the
most rapid transfer of inorganic carbon (the most oxidized form) to organic carbon (more
reduced forms) is from the atmosphere into biomass.
During photosynthesis, CO2 (inorganic carbon) is removed from the atmosphere and
water column by autotrophic plants and microorganisms to produce organic carbon (<CH2O>):

2H2A + CO2 ⇒ 2A + <CH2O> + H2O (Eq. 1, van Neil, 1931)

During this process, CO2 is reduced into <CH2O> using light energy and either water in
oxygenic photosynthesis (H2A = H2O) or other inorganic compounds as the electron donor in
anoxygenic photosynthesis (H2A = H2S, Fe (II), H2, As (III), etc.). These photoautotrophic
processes produce O2 or sulfate (when H2S is electron donor), respectively (van Germerden,
1993).
CO2 is returned to the atmosphere through respiration of organic carbon by eukaryotes
and chemoorganoheterotrophic microorganisms (from hereon referred to as heterotrophs), which
utilize oxygen (aerobes) or alternative terminal electron receptors (SO42-, FeOOH, NO3-, AsO42and HCO3-, etc.; all anaerobes), to release CO2 during the decomposition of organic material
(van Germerden, 1993; Figure 1).
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Figure 1. The biological carbon cycle. Through photosynthesis organisms convert inorganic carbon to
organic carbon (biomass). Other microbial metabolic processes decompose organic material using aerobic
or anaerobic respiration to produce inorganic carbon. (Adapted from Dupraz et al., 2009).

Geological Carbon Cycling (long term)
On a larger, geologic scale physical processes can move carbon between various C
reservoirs (Figure 2; Knoll et al., 2012). Atmospheric CO2 reacts with water, forming carbonic
acid (H2CO3). Through atmospheric precipitation and weathering occurs. During chemical
weathering of silicate and carbonate rocks, the carbonic acid reacts with minerals, generating
soluble calcium and bicarbonate ions (HCO3-). These ions eventually accumulate in the oceans,
where carbonate precipitation can occur mostly as aragonite or calcite minerals. Weathering can
be enhanced by the metabolic activity of microorganisms in the soil (subsequent high pCO2
would increase weathering).
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This precipitation in the oceans can occur biologically (i.e. endo- or exoskeletons), or
abiotically during periods of increased carbonate saturation (Konhauser, 2009). Subduction of
the ocean crust and the overlying carbonate marine sediments leads to melting, which, if
extruded at the surface via volcanic eruptions, releases carbon dioxide back into the atmosphere.
On a geological time scale global CO2 levels are mostly determined by the balance
between additions of CO2 to the atmosphere (through magmatic de-carbonation of carbonate
rocks and sediments, burning of fossil fuels, and biogenic respiration), and removal of CO2 from
the atmosphere (through weathering and incorporation of inorganic carbon into marine sediments
and biota; Konhauser, 2009). The rocks and sediments that form make up the largest carbon
reservoir on Earth (Knoll et al., 2012). Exposure of this reservoir to weathering (through uplift or
lowering of sea level) would increase chemical weathering rates and lower the relative
atmospheric CO2 levels (Konhauser, 2009). As the cycle continues, metamorphism and
volcanism of the accumulated oceanic carbon deposits would increase CO2 in the atmosphere.

Figure 2. A simplified geologic carbon cycle showing the addition (+) and removal (-) processes of
atmospheric carbon (adapted from Konhauser, 2009).
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Linking Biology and Geology
The field of geomicrobiology arguably centers around element cycles, including
combined geological and biological carbon cycles. For instance, the fixation of CO2 by
autotrophic organisms reduces atmospheric CO2 levels. While the biologic turnover of CO2 to
the atmosphere by heterotrophic organisms is considered to complete this biologic carbon cycle,
the carbon cycle within a microbial mat community is much more complex.
Microbial mats are organosedimentary systems with unique microbial metabolic
properties (see next section) that result in rapid, short term (biologic) carbon cycling. The
microbial metabolisms (discussed below) allow microbial mats to leave biosignatures in the
atmosphere and lithosphere (Visscher et al., 2003). In the presence of available cations (e.g.
calcium), precipitation of carbonate minerals can occur when: 1. CO2 is degassed or removed
(during photosynthetic uptake) from the system or 2. if the pH of the (micro-) environment
increases and thus, the repartition of the carbonate species within the carbonate alkalinity shift
toward bicarbonate (HCO3-). Dissolution of carbonate minerals can occur when CO2 increases
causing the carbonate equilibrium to shift (Dupraz and Visscher, 2005).
Through precipitation, the microbial mat can act as a carbon sink through the production
of carbonate minerals within the structure. The precipitation of these minerals is controlled by
the carbonate alkalinity as well as the presence of an extracellular organic matrix produced by
the microorganisms and can ultimately lead to lithification of the microbial mat community (i.e.
microbialites, discussed below). These structures can be preserved (or weathered) over time, thus
affecting the longer-term geologic cycle.
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MICROBIAL MATS
A microbial mat is a microbial-organosedimentary ecosystem made up of a variety of
microbial species (van Gemerden, 1993; Baumgartner, 2009 a, b; Ley et al., 2006, Spear et al.,
2003). This ecosystem includes a limited number of so-called functional groups of microbes
(Visscher and van Gemerden, 1993), including oxygenic and anoxygenic photolithoautotrophs,
aerobic and anaerobic chemoorganoheterotrophs (predominantly aerobes and sulfate-reducers,
see below), fermenters, and chemolithoautotrophs (mainly sulfide oxidizers; van Germerden,
1993; Figure 3)
The microbial mat community is characterized by the production of copious amounts of
exopolymeric organic matter (EOM), most of which in the form of exopolymeric substances
(EPS, see below) and a smaller fraction in the form of low molecular weight organic carbon
(LMWOC; Decho et al., 2005; Dupraz et al., 2013). The microbes, embedded in this 3dimensional organic matrix, form a sedimentary biofilm. Most microbial mats have the ability to
trap and bind sediments and precipitate minerals, which can lead to lithification and the resulting
formation of a microbialite (Burne and Moore, 1987; Riding, 2000). Mats provide stability,
protection, as well as means by which the community can retain nutrients (Stal et al., 1985).
Microbial mats are highly organized, laminated communities that have a typical
arrangement of photoautotrophs within a vertically ordered structure (Figure 3; Stal et al., 1985;
Dupraz et al., 2009): The surface of the mat is often covered by a protective layer of pigmentrich EPS (often orange colored in hypersaline microbial mat environments), underneath which
oxygenic photosynthetic cyanobacteria can be found in a green to blue-green layer. Below the
cyanobacteria are purple- and green-sulfur bacteria. The deepest layer of the mat appears black
due to FeS accumulation (documenting a zone in which sulfate reduction is the dominant
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microbial metabolism). The metabolic processes often couple the oxidation and reduction of
oxygen, nitrogen, sulfur, and carbon through the mat producing metabolic products that are
specific to the different functioning groups of bacteria (Visscher and Van Gemerden, 1993;
Visscher et al., 1998).

Photoautotrophs
During oxygenic photosynthesis, cyanobacteria produce O2 and organic carbon
(<CH2O>) through the fixation of inorganic carbon (CO2) with water. Cyanobacteria are the
dominant phototrophic organisms and are found at the surface of the mat (approx. 0.5-2 cm
depth; Dupraz and Visscher, 2005).
Anoxygenic phototrophs (e.g. purple and green sulfur bacteria) do not use water to fix
inorganic carbon, but instead use other available inorganic compounds as the electron donor (e.g.
HS-). Purple and green sulfur bacteria are commonly found in microbial mats and stratified water
columns (Visscher and Stolz, 2005). These anoxygenic phototrophs produce organic carbon and
sulfate (SO42-, and/or other reduced sulfur compounds), require less light (photons) than
cyanobacteria, and typically are pigmented to absorb light of higher wavelengths (red-infrared).

Chemoorganoheterotrophs
Aerobic respiration by chemoorganoheterotrophs (heterotrophs) oxidizes organic carbon
(<CH2O>) to form inorganic carbon (CO2). Aerobic respiration is dependent on O2, thus it is
tightly coupled to oxygenic photosynthesis and occupies the same upper portion of the microbial
mat.
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Heterotrophic bacteria can also be anaerobic, using alternatives to oxygen as an electron
acceptor for their respiration (e.g. sulfate-reducing bacteria). These organisms use alternative
electron acceptors (i.e., sulfate, nitrate, iron, manganese, bicarbonate) in oxidization of organic
carbon and produce CO2. The dominant anaerobic heterotrophs in most microbial mats are
sulfate-reducing bacteria (Troelsen and Jørgensen, 1982; Visscher et al., 1992). It has been
demonstrated that both sulfate reducers (Canfield and DesMarais, 1991; Visscher et al., 1992,
1998, 2000) and even methanogens (Buckley et al., 2008) show peak metabolic activities in the
surface layer of the mat, where they also benefit from abundant organic carbon produced during
photosynthesis. A proper understanding of the physiological/biochemical basis for this survival
and growth in an oxygen-saturated environment is currently lacking.
Fermentation occurs in the absence of O2, when the microorganism use organic carbon or
sulfur compounds as both the electron donor and acceptor (Dupraz and Visscher, 2005; Visscher
and Stolz, 2005).

Chemolithoautotrophs
Chemolithoautotrophs (e.g., sulfide oxidizing bacteria) do not use organic carbon to
generate energy. Instead they generate energy through the oxidation of inorganic electron donors
(i.e. H2, CO, Fe2+, NH4+, and HS-) to fix CO2. Sulfide (in sediments) and ammonium (in the
water column) are the most abundantly used chemolithoautotrophic substrates in marine
environments (Dupraz et al., 2011). Unless oxygen is limiting, the end product of sulfide
oxidation is sulfate (SO42-; van Germerden, 1993). However, when oxygen is limiting, other
reduced forms of sulfur are produced (sulfur, thiosulfate, polysulfides), resulting from partial
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oxidation of sulfide (Visscher and van Gemerden, 1988; van Gemerden, 1993; van den Ende and
van Gemerden, 1993; Visscher and Stolz, 2005).

Figure 3: Microbial mat structure showing the five major functional groups, each with their own
metabolic processes, which dictate the location within the mat ecosystem: Photoautotrophs including
oxygenic cyanobacteria and anoxygenic sulfur bacteria; chemoorganoheterotrophic bacteria including
aerobic heterotrophs and sulfate reducing bacteria; and chemolithoautotrophs (sulfide oxidizing bacteria).
(Adapted from Visscher 1991; Dupraz et al., 2011; van Germerden, 1993)

Microbial mat formation begins with the colonization of sediment by filamentous
cyanobacteria, which produce O2 and organic carbon and also can fix N2. This supports the
establishment of aerobic heterotrophs, which utilize O2 and <CH2O> for respiration and require
fixed nitrogen for biomass. When O2 is depleted in this surficial mat, aerobes can no longer
metabolize, but as long as <CH2O> or H2 is available, anaerobic sulfate-reducing bacteria can
thrive, even when oxygenic photosynthesis is occurring during the light period. These sulfatereducing bacteria utilize SO42- (which is prevalent in marine water) to degrade organic carbon
produced through photosynthesis. Sulfide (HS-) that is produced act as an alternative electron
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donor for anoxygenic photosynthesis and (an)aerobic sulfide oxidation in the upper portion of
the mat (Figure 3; Visscher, 1991; Dupraz et al., 2011; van Gemerden, 1993).
These microbial mat communities are efficient at element cycling and can be viewed as a
semi-closed system (van Gemerden 1993; Dupraz and Visscher, 2005). Through microbiallymediated carbon cycling (see above), microbes have the ability to alter the balance between more
reduced (<CH2O>) and more oxidized (CO2) forms of carbon. Comprising the so-called
alkalinity engine (see below), these metabolic processes can lead to the precipitation and
dissolution of carbonate minerals within the microbial mat, potentially leading to the formation
of a microbialite (Visscher et al., 1998; Visscher and Stolz, 2005; Dupraz et al., 2009).

ALKALINITY ENGINE
The precipitation of carbonate minerals is dependent on the available carbonate
ions, specific cations, and available precipitation nucleation sites (Dupraz et al., 2011). In water
the species of carbon compounds: CO2  H2CO3  HCO3-  CO32- exist in dynamic
equilibrium as a function of the pH of the water (Figure 4). The amount of bicarbonate and
carbonate in solution represents the carbonate alkalinity. Various processes can impact carbonate
alkalinity, promoting either precipitation or dissolution of carbonate minerals. The sum of the
processes that create alkalinity represent the “alkalinity engine”. This “engine” is intrinsically
driven when the metabolic reactions of the entire microbial community causes a fluctuation in
the carbonate equilibrium. The “engine” is extrinsically driven when physicochemical processes
of the macroenvironment cause shifts in the alkalinity (Dupraz et al., 2011).
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Figure 4. Relative speciation of carbon dioxide, bicarbonate, and carbonate in water as a function of pH
(at 20ºC and 250 µm cm-1; from Pedersen et al., 2013).

Carbonate ion activity {CO32-} is dependent on the carbonate equilibrium. CO2 dissolves
in water (H2O) to form carbonic acid (H2CO3). Following Henry’s Law, the amount of CO2 that
is dissolved in the water is proportional to the partial pressure of CO2 in the gas phase
(atmosphere) in contact with the liquid (water). This value varies with temperature and pressure.
More CO2 can be dissolved at lower temperatures and higher atmospheric pressures. The
carbonic acid (H2CO3) formed through the dissolution of CO2 is a weak acid that will only
partially dissociate in an aqueous solution to produce H+ ions and a conjugate base (HCO3- or
CO32-) depending on the pH. The production of bicarbonate and carbonate ions through the
deprotonation of carbonic acid is shown in Equation 2 (Zeeb and Wolf-Gladrow, 2001). The
availability of carbonate ions allows for the potential precipitation of carbonate minerals, thus
leading to microbial mat lithification. Production or removal of carbonate ions can be controlled
by microbial metabolism (intrinsic processes) or physicochemical changes (extrinsic processes)
as mentioned below.
CO2 + H2O  H2CO3
H2CO3  HCO3- + H+
HCO3  CO32- + H+

	
  

(Eq. 2)
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Intrinsic Controls on Alkalinity
Intrinsic processes (i.e., microbial populations and their associated metabolic activities)
can greatly impact the local carbonate equilibrium. Within a microbial mat (see above) the
processes of oxygenic and anoxygenic photosynthesis, aerobic respiration, sulfate reduction,
sulfide oxidization, and fermentation each affect the carbonate alkalinity through the uptake or
release of CO2 and through the production or consumption of organic acids (Dupraz et al., 2011).
For example, through oxygenic photosynthesis, water and light energy are used to fix
CO2 (Eq. 1). High rates of photosynthesis (within the microbial mat community) will deplete
CO2, which necessitates a reestablishment of the carbonate equilibrium through the dissociation:
HCO3-  CO2 + OH-. The production of hydroxide results in an increase in pH, which favors
CaCO3 precipitation (Visscher et al., 1998). With an availability of calcium ions within the
system: Ca2+ + HCO3-  CaCO3 + H+. Carbonate precipitation occurs through the removal of H+
that is produced in the later geochemical reaction: OH- + H+  H2O (Visscher et al., 1998). The
combined net reaction of photosynthesis and the geochemical reaction that results from
bicarbonate dissociation favor precipitation. Similarly, anoxygenic photosynthesis and sulfate
reduction favor precipitation, while heterotrophic respiration, sulfide oxidation, and fermentation
promote dissolution (Visscher and Stolz, 2005; Dupraz et al., 2009). The resulting effects of each
metabolic process on the precipitation or dissolution of carbonate minerals are further outlined
below (Mechanisms of CaCO3 Precipitation).
Net precipitation within the microbial mat would occur if metabolic processes promoting
precipitation exceed the ones that induce dissolution.. A net accumulation of carbonate minerals
results in lithification of microbial mats, reflecting the balance between the different microbial
activities. (Dupraz et al., 2009)
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It has been hypothesized that carbonate precipitation may be beneficial to
microorganisms. The production of hydrogen ions (H+) during the reaction of HCO3- and Ca2+ to
produce CaCO3 and H+ may assist in the generation of a proton motive force. This H+ production
could provide a mechanism for energy generation, uptake of substrate, transport of metabolites,
and other cellular processes for the microbes. (McConnaughey and Whalen, 1997; Visscher and
Stolz, 2005) The precipitation of carbonate outside of the cell to generate a proton motive force
may appear to be lethal for an individual cell if it leads to entombment, but as a collective action
of the microbial community, the precipitation of carbonate around some cells may be
advantageous in protecting the microbial community from its environment (i.e. wave action,
atmospheric exposure, burial, and diffusional nutrient loss; Visscher and Stolz, 2005).

Extrinsic Controls on Alkalinity
When alkalinity changes are a result of physicochemical processes in the
macroenvironment, the alkalinity engine is extrinsically driven (Dupraz et al., 2009). Two
important physicochemical processes that can affect carbonate precipitation are water
evaporation and CO2 degassing (Dupraz et al., 2009). The ability for CO2 to dissolve in or degas
from water is dependent upon the partial pressure of CO2 (pCO2), which varies with temperature
and pressure. A decrease in dissolved CO2 (due to increased water temperature) would lead to
precipitation. This occurs because as CO2 degasses, bicarbonate will dissociate to produce CO2
and hydroxide (OH-). The increase in alkalinity enables carbonate precipitation as bicarbonate
dissociates to form carbonate, which reacts with calcium to form calcium carbonate, and H+,
which reacts with OH- to form water. Reversely, an increase in dissolved CO2 (due to a decrease
in water temperature) promotes dissolution of carbonate. An increase in CO2 dissolution
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increases the acidity of the water, causing the dissolution of carbonate minerals to produce
bicarbonate (Dupraz and Visscher, 2005). This process can be explained using Equation 3: With
an increase in CO2, dissolution would occur, shifting the equilibrium to the right. With a removal
of CO2, the equilibrium would shift towards the left, promoting precipitation.

CO2 + H2O + CaCO3  2HCO3- + Ca2+ (Eq. 3)

Saturation Index
Usually, a combination of intrinsic and extrinsic factors is responsible for carbonate
precipitation within microbial mats (Dupraz et al., 2011). The likelihood of carbonate
precipitation is a function of the carbonate alkalinity and the available cation concentration in
environment. This equation is known as the saturation index (e.g. Zeebe and Westbroek, 2003).
The saturation index (SI) is a function of the solubility product (kSP) of a mineral (e.g. calcite,
aragonite) and the ion activity product (IAP) of the sample (Equation 4). For the precipitation of
calcium carbonate, the IAP is the product of total available carbonate and total available calcium
in the system:{Ca2+} x {CO32-}. The solubility product constant (kSP) for calcite is 10 -8.42 for
calcite and 10 -8.22 for aragonite (at 25ºC, 1 bar atmospheric pressure and 35 psu (Visscher and
Stolz, 2005). If the saturation index is 0, the solution is at equilibrium (Visscher and Stolz, 2005).
If the SI > 0, the meaning the solubility product is lower than the available ions in sample, then
the sample solution is oversaturated with respect to the given mineral and precipitation is
possible (Dupraz et al., 2011). In order to have spontaneous mineral precipitation, the saturation
index must be greater than 0.8 (Kempe and Kazmierezak, 1994).

SI = log (IAP/kSP) (Eq. 4)
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ORGANOMINERALIZATION
Microbial communities can serve as a physical substrate for the precipitation of carbonate
minerals and may have a crucial impact on their shape and composition. The mineral product is
referred to as an “organomineral”, because it develops in close association with microbially
derived organic matter (Dupraz et al., 2011). Organomineralization products differ from
‘biominerals’ due to a lack of genetic control on the mineralization (Perry et al., 2007).
Mineralization associated with living or non-living organic matter can be identified as:
Biologically-controlled mineralization produces biominerals is the process in which
genetically-determined activities direct the nucleation, growth and morphology of mineral
formation. Biominerals (e.g. shelled organisms such as mollusks) are considered to be direct
proof of a living organism and is a precipitation product of interactions between biological
activity and the environment..
In contrast, biologically-mediated mineralization produces organominerals and is
characterized by a lack of genetic control on the precipitation. This mineralization can be active
(biologically-induced) when microbial metabolisms are responsible for carbonate mineral
nucleation, or passive (biologically-influenced), when environmental forcing leads to the
precipitation (through degassing or evaporation). The presence of a living organism is not
required for biologically-influenced mineralization to occur; however, an organic matrix to guide
precipitation is required. Organominerals are indirect evidence of life (Dupraz et al., 2009).

Extracellular Organic Matrix
In microbial mats and biofilms, the microbial communities are embedded in extracellular
organic matter (EOM). The EOM is made up of low molecular weight organic carbon (LMW-
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OC) and exopolymeric substances (EPS). EPS are composed of large molecules (e.g. sugar
polymers, proteins and nucleic acids). LMW-OC consists of degradation products of those larger
molecules and can act as a carbon source to support aerobic and anaerobic respiration. Both
LMWOC and EPS can both bind cations, initially inhibiting precipitation (Dupraz et al., 2013).
The EPS matrix fulfills many functions within microbial mats including stabilization, protection
from physicochemical changes (e.g. UV exposure, desiccation), binding of available cations, and
development of microenvironments (Dupraz et al., 2009, 2011; Decho et al., 2005; Dupraz and
Visscher, 2005; Marvasi et al., 2010). The ability for EPS to bind available cations can inhibit
carbonate precipitation while alteration of the EPS (e.g. degradation, supersaturation) can
promote carbonate precipitation within a microbial community (Dupraz et al., 2009).

The Role of EPS within the Microbial Mat
EPS consist of a variety of molecules such as proteins, peptides, non-carbohydrate acidic
moieties, inorganic compounds and extracellular DNA, which all vary based on the
microorganism (Dupraz et al., 2009). Although cyanobacteria are believed to produce the bulk of
EPS, other microorganisms produce EPS with different composition and structure, the content of
which may vary with different stressors and environmental conditions (Dupraz and Visscher,
2005). The production and secretion of EPS is controlled by a specific set of genes, which are in
part- differentially regulated by chemical signaling among. This chemical signaling allows
groups of bacteria to coordinate activities including additional EPS secretion and metabolic
activities (Miller and Bassler, 2001; Dupraz et al., 2009).
EPS acts as a physical barrier between the cell, predators, antimicrobial agents, and
physicochemical fluctuations (Costerton et al., 1995). EPS stabilizes the microbial community
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under hydrodynamic regimes and protects it from environmental stressors including nutrient
shortages, UV exposure, and desiccation (Decho, 2000; Dupraz et al., 2009, 2011). The EPS
matrix also acts as a barrier between individual cells and other bacteria within the microbial
community (Decho, 2000). Thus, EPS allows for various types of microbial metabolism to
coexist within a small space by acting as a physical barrier between cells and organic and
inorganic metabolic substrates.
The EPS plays an important role in organomineralization and the potential for
precipitation to occur within the organic matrix, mostly by controlling the availability of cations
for precipitation. Functional group (e.g. –PO43-, -COO-, SO42-) control over the cation binding
capacity, pH, cation saturation, and matrix degradation all influence the likelihood of carbonate
precipitation to occur within the EPS (Dupraz et al., 2009).

The Role of EOM in Inhibiting Carbonate Precipitation
Negatively-charged acidic groups within the EOM can bind large amounts of cations to
the matrix (Braissant et al., 2007). Because of this, the EOM matrix acts as a sponge for cations
such as calcium and magnesium from the surrounding environment. High abundances of
functional groups within the EOM may increase this cation-binding capacity, removing more
free Ca2+ ions from solution, and inhibiting precipitation of carbonate minerals by depleting them
from the proximal environment (Decho et al., 2005; Dupraz et al., 2009). It should be noted that
both EPS and LMOWC (Braissant et al., 2009) and sulfate (Glunk et al., 2011) could fulfill the
role of cation binding, preventing carbonate precipitation even when the water is supersaturated.
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The Role of EOM in the Precipitation of Carbonate
The EOM plays a seminal role in the formation and preservation of microbialites.
Trapping and binding of sediment, which is an important step in accumulation of microbialite
structures, is regulated at the surface by the EOM matrix (Decho, 2000; Reid et al., 2000; Dupraz
and Visscher, 2005).
It is within the EOM matrix, where the carbonate minerals can also nucleate and grow
(Dupraz et al., 2011). In order to precipitate calcium carbonate within the microbial mat the
calcium-binding capacity of the EOM has to be reduced. This can be accomplished through
biologically-induced mineralization, in which the EOM is degraded through reduction of the
LMW-OC by sulfate reducing bacteria, thus liberating bound calcium ions, increasing alkalinity,
and allowing for precipitation to occur (Dupraz and Visscher, 2005; Visscher et al., 2000); or
through biologically-influenced mineralization via supersaturation of cation-binding sites, steric
hindrance of the cation binding capacity, or diagenetic alteration of EOM (Dupraz et al., 2009).
Dupraz and Visscher (2005) identified the three main types of alteration leading to
carbonate precipitation within the organic matrix (Figure 5): (1) Microbially-mediated
decomposition of the EOM in which HCO3- and Ca2+ are liberated from the matrix, increasing
the saturation index of the microenvironment and producing areas of precipitation (biologicallyinduced mineralization). (2) Chemical or microbial alteration of the EOM matrix that results in
reorganization of cation binding sites, creating a template for carbonate precipitation
(biologically-influenced mineralization; Trichet and Defarge, 1995). (3) Increase in available
calcium or reduced cation-binding capacity of the EPS leading to oversaturation and thus
precipitation (biologically-influenced mineralization; Arp et al., 2003).
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Figure 5: The role of EPS in the production of carbonate minerals through biologically-induced and -influenced
mineralization. EPS, produced by microorganisms, can bind large amount of cations, reducing SI and inhibiting
precipitation. Through alteration of the EPS, precipitation can occur (Adapted from Dupraz et al., 2009).
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Due to the variety of microorganisms and metabolic processes within a microbial mat, the
EOM matrix is heterogeneous and likely varies in composition from mat to mat and over small
spatial scales within a mat. As a consequence, the calcium-binding capacity of EOM can vary
greatly in time and space, resulting in localized areas of more and less precipitation (Dupraz et
al., 2009).

Mechanisms of CaCO3 Precipitation
The likelihood of precipitation or dissolution to occur can varies within microbial
populations. Various microbial metabolisms can influence the precipitation and dissolution of
carbonate minerals through the uptake and release of CO2 and the production of organic acids
(Visscher et al., 1998; Dupraz and Visscher, 2005; Visscher and Stolz, 2005):

Oxygenic Photoautotrophs (Cyanobacteria)
Cyanobacteria are considered to be the largest source of EPS production (Dupraz and
Visscher, 2005; Decho et al., 2005). During oxygenic photosynthesis, cyanobacteria produce O2
through the fixation (and thus, removal) of inorganic carbon (CO2). The dissociation of
bicarbonate into CO2 and OH- creates an alkalinity that favors CaCO3 precipitation (Dupraz et al.,
2009). For each mole of CO2 consumed during photosynthesis, 1 mole of CaCO3 is precipitated
(Visscher and Stolz, 2005):
HCO3-  CO2 + OH-

Eq. 5

CO2 + H2O  <CH2O> + O2
Ca2+ + HCO3-  CaCO3 + H+
H+ + OH-  H2O
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Anoxygenic Phototrophs (Purple and Green Sulfur Bacteria)
Anoxygenic photosynthesis by purple and green sulfur bacteria produce organic carbon
and sulfate using HS- and CO2. Similar to oxygenic photosynthesis, the uptake of CO2 results in
the dissociation of bicarbonate, leading to the potential for carbonate minerals to precipitate.
However, fixation of CO2 using HS- decreases the alkalinity through the production of H+
resulting in less CaCO3 precipitated (0.5 mol) per mol of CO2 fixed (Visscher and Stolz, 2005).

2HCO3-  2CO2 + 2 OH-

Eq. 6

HS- + 2CO2 + 2H2O  2<CH2O> + SO42- + H+
Ca2+ + HCO3  CaCO3 + H+
2H+ + 2OH-  2H2O
Anaerobic Heterotrophs (Sulfate Reducing Bacteria)
In anaerobic respiration, bacteria use alternative electron acceptors such as sulfate to
oxidize organic carbon. Sulfate reduction is the dominant respiratory pathway in marine
environments (Canfield et al., 1993). This metabolism results in carbonate precipitation by
removing H+ and producing H2S and CO32- (Visscher et al., 1998; Dupraz et al., 2009, 2011).
Sulfate reduction, plays a role in precipitation of CaCO3 producing 1 mole of CaCO3 per 2 moles
of <CH2O> (Visscher and Stolz, 2005).

2 <CH2O> + SO42- + OH-  2HCO3- + HS- + H2O

Eq. 7

HCO3- + Ca2+  CaCO3 + H+
H+ + HCO3  CO2 + H2O
Although this is the generic equation for heterotrophic sulfate reduction, there are several
other types of sulfate reduction that occur, which can affect mineral precipitation potential
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(Gallagher et al., 2012). For example, sulfate-reducing bacteria can either oxidize organic carbon
(lactate) to CO2 (complete oxidizers) or to acetate and CO2 (incomplete oxidizers; Visscher and
Stolz, 2005). Complete sulfate oxidation results in the precipitation of 1.5 mol of CaCO3 per mol
of lactate oxidized. Incomplete sulfate oxidation precipitates only 0.5 mol of carbonate per mol
of lactate oxidized. The process of sulfate reduction is complex in that different electron donors
have very different effects on pH, alkalinity and organomineralization potential (Gallagher et al.,
2012).
Aerobic Heterotrophs
Aerobic respiration generally dissolves calcium carbonate through the respiration of
organic carbon and production of CO2 (Dupraz et al., 2011). The production of hydrogen ions
during oxidation of organic carbon increases the pH of the system, leading to a loss (or
dissolution) of one mole of CaCO3 per mole of <CH2O> oxidized (Visscher et al., 1998;
Visscher and Stolz, 2005).
<CH2O> + O2  HCO3- + H+

Eq. 8

CaCO3 + H+  HCO3- + Ca2+

Sulfide-Oxidizing Bacteria
Chemolithoautotrophs (sulfide oxidizers) use sulfide in the sediment to fix CO2. Aerobic
sulfide oxidation will promote dissolution of carbonate minerals through the production of H+
and the resulting decrease in pH (Dupraz et al., 2011). For each mole of CO2 fixed by aerobic
sulfide oxidizers, 0.5 mole of CaCO3 is removed (Visscher and Stolz, 2005).

HS- + 2O2  SO42- + H+

Eq. 9

CaCO3 + H+  HCO3- + Ca2+
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Anaerobic sulfide oxidation by purple and green sulfur bacteria (often found in microbial
mats and stratified water columns) undergoes CO2 fixation using HS-, leading to the precipitation
of carbonate. For each mole of CO2 fixed, 0.5 mole of CaCO3 is precipitated (Visscher and Stolz,
2005).
5HS- + 8NO3-  5SO42- + 4N2 + H2O + 3OH-

Eq. 10

3HCO3- + 3Ca2+  3CaCO3 + 3H+
3OH- + 3H+  3H2O

Fermentation
In the absence of O2 many organisms are capable of the fermentation of organic carbon,
thus utilizing the same compound as an electron donor and acceptor. Fermentation generally
results in dissolution of carbonate. Ethanol fermentation, for example, results in a loss of 1 mol
of CaCO3 per 5 mol of <CH2O> used.

3<CH2O> + H2O  HCO3- + H+ + C2H6O

Eq. 11

CaCO3 + H+  HCO3- + Ca2+
Processes such as photosynthesis and sulfate reduction result in net precipitation, while
aerobic respiration and aerobic sulfide oxidation result in net dissolution. Within a microbial mat
community, photosynthesis and aerobic respiration are tightly coupled in space and time, which
could result in no net precipitation. However, sulfate reduction and sulfide oxidation can be more
temporally and spatially separated in microbial mats due to different environmental requirements
of those processes (i.e. O2, which may lead to isolated areas of precipitation and dissolution
(Visscher and Stolz, 2005).
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MICROBIALITES
Microbialites are organosedimentary deposits that form from interactions between
benthic microbial communities and their environment, specifically related to the trapping and
binding of sediments and in situ calcification of microbial mats (Burne and Moore, 1987).
Microbialites have a fossil record extending almost 3.5 Ga and are still forming today (Shapiro
and Awramik, 2006; Myshrall, 2012). These sedimentary structures may represent the oldest
macroscopic evidence of life. Extant microbialites may act as modern analogues for studying the
past. (Aitken, 1967; Dupraz et al., 2009; Myshrall, 2012). M

Microbialite Classification
The nomenclature of microbialite classification is often debated (Shapiro, 2000, 2004;
Kennard and James 1986; Myshrall, 2012). However, the identification of microbialites is based
on a description of internal mesoscopic structures rather than terms that infer environment or
formation (Burne and Moore, 1987). There are three main types of microbialite mesostructures
(Figure 6): (1) laminated (stromatolites), (2) clotted (thrombolites), and (3) structureless
(leiolites) (Dupraz et al., 2009). It is important to note that differences between microbialite
types is not always exclusive and fabrics can morph into one another producing various disrupted
structures such as stromatolitic-thrombolites or thrombolitic stromatolites. (Burne and Moore,
1987).

Figure 6. Three main types of microbialites (according to Dupraz et al., 2009) showing differences in
dominant internal structure (laminated, clotted, and structureless).
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Along with being classified by morphology, investigation of microbialite structure is
classified by size (Figure 7). The largest structures, or the physical nature of the deposit or
platform is described as the megastructure (meter scale). The shape of the microbialite structure
(domes/heads) is described as the macrostructure (cm-m scale). The nature of the laminae, clots,
or other fabrics is described as the mesostructure (mm-cm scale). Microscopic characteristics are
described as the microstructure (nm-mm scale) (Shapiro, 2000; Dupraz et al., 2009).

Figure 7. Classification of microbialite structure by size. (From Shapiro, 2000).

STROMATOLITIC FABRIC
As mentioned above, there are several microbialite fabrics present from the microscale to
the macroscale. Stromatolites are arguably the best studied of these microbialite fabrics. These
laminated sedimentary structures have been dated to 3.5 Ga (Riding, 2000) and similar structures
are still forming in modern environments. Highborne Cay, Bahamas is one of these environments,
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which has been studied extensively to understand element cycling and lithification within a
modern microbial mat (Reid et al., 2003; Dupraz and Visscher, 2005; Foster et al., 2009).

Figure 8. Lamination and microstructure of a stromatolite showing three different mat types. A. Vertical
section showing lithified laminae. B. Thin section photomicrograph showing the distribution of the three
mat types. C. A thin section photomicrograph showing a layer of bored, fused grains (orange/bottom layer
– Type 3 mats); a micritic crust (blue/middle unit – Type 2 mats); and the pioneer mat community of
trapped and bound sediment (tan/top surface – Type 1 mats). Adapted from Reid et al., 2000.

The current model for stromatolite growth is consists of three mat types, each with a
unique signature fabric (Figure 8; Reid et al., 2000). Type 1 mats consist of sparse populations of
filamentous Schizothrix cyanobacteria, which are vertically orientated and entwined around
carbonate sand grains. The type 1 mats represent the “pioneer” microbial communities, which
dominated during periods of sediment accretion and created by the accumulation of sediment on
and within the EPS. Type 2 mats show development of calcified biofilms, which appear as a thin
crust of micrite at the uppermost surface of the mat (Visscher et al., 1998). This mat type
represents a more mature surface community, which is represented by the development of a
surface biofilm. Type 2 mats develop during quiescent periods when sedimentation is low and
the mat can begin to lithify. Type 3 mats are characterized by an abundance of the coccoid
cyanobacteria Solentia and randomly oriented Schizothrix filaments below a calcified biofilm
(type 2). Solentia is an endolith, which bores into carbonate grains, causing the grains to become
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altered and welded together. Type 3 mats form during extended periods without sedimentation,
which allows for the development of heterotrophic communities such as Solentia (Reid et al.,
2000). The three mat types cycle back and forth in response to sediment supply, thus forming
the laminated stromatolite fabric (Reid et al. 2000).

THROMBOLITE FABRIC
Thrombolites are clotted microbialites formed by the lithification of microbial
communities through the trapping and binding of sediments and in situ precipitation of carbonate
minerals (Aitkin, 1967). The highly irregular, clotted fabric can typically be identified as
mesoclots (cm) or microclots (< mm) (Myshrall, 2012). Thrombolites have been identified in the
fossil record back to 1.92 Ga (Kah and Grotzinger, 1992), and are still found forming today.
Unlike stromatolite structures, which have been well studied and designated into mat types based
on environmental and microbial characteristics (see above), the process of thrombolite formation
is not well understood.

Formation of Thrombolites
The processes underlying clotted microbialite fabric formation are not well studied
compared to the laminated counterparts. It has been suggested that thrombolitic fabric forms
when the laminated fabric of a stromatolite is disrupted through secondary colonization of the
structure and bioturbation by eukaryotic organisms (Walter and Heys, 1985) including metazoan
and protists (Bernhard et al., 2013). Other research speculated that, although thrombolites
commonly contain skeletal metazoans and may be burrowed and bored, the clotted fabric is
primarily a microbial feature and likely not a disrupted modified laminated fabric. The individual
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mesoscopic clots within the thrombolites are instead interpreted as distinct colonies of calcified,
coccoid-dominated microbial communities (Kennard and James, 1986). Another hypothesis is
that thrombolites are predominantly eukaryotic reefs that form, not by bacteria, but instead by the
activities of eukaryotic green algae and various coralline algae (Feldmann and McKenzie, 1998).
In Lake Clifton, Western Australia, modern thrombolite formation has been attributed to
filamentous cyanobacteria (Moore and Burne, 1994), while extant thrombolites in Green Lake,
New York have been associated with the activity of coccoid cyanobacteria (Thompson et al.,
1990). In Bahamian thrombolites, it is hypothesized that the clotted fabric is a result of alteration
of an original fabric formed by filamentous cyanobacteria (Dichothrix sp.) (Planavsky et al.,
2009) that is altered during early diagenesis by physical and metazoan disruption, micritization,
secondary cementation and localized carbonate dissolution (Planavsky and Ginsburg, 2009).
Research on modern thrombolites in Highborne Cay, Bahamas, has suggested that variation in
mat type and microbial metabolism over time may be leading to accretion of a thrombolitic
fabric, not the presence of eukaryotic activity (Myshrall et al., 2010).
A thorough analysis of thrombolitic fabric on the mesoscopic and microscopic scale is
needed in order to better understand the processes impacting the formation of this clotted
microbialite fabric.

Thrombolite Distribution in Geologic Time
While laminated microbialites have a fossil record extending ~ 3.5 billion years,
thrombolites date back to 1.92 Ga (Kah and Grotzinger, 1992). Thrombolites are more common
near the end of the Proterozoic (Proterozoic-Cambrian boundary). The development of
thrombolites in the rock record was simultaneous with the appearance of both calcified
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cyanobacteria and metazoans. It is possible that the co-appearance of calcified cyanobacteria and
thrombolites represents an evolutionary adaptive change of microorganisms in response to
increase grazing and burrowing pressures exerted by evolved metazoans (Kennard and James,
1986).
The diversity and abundance of microbialites decreased in the late Proterozoic and
continued to decline into the Cambrian. Microbialite abundance and diversity increased in the
middle Cambrian-early Ordovician, in all major microbialite categories. An increase in
microbialites in shallow-marine carbonate environments is called the “Cambro-Ordovician
Microbialite Resurgence” (Shapiro and Awramik, 2006). Though thrombolites range from the
Proterozoic to the modern, they were most abundant during the Cambrian-Ordovician (Shapiro,
2000). Thrombolites from the late Cambrian (Appalachian) and early Ordovician (Newfoundland
and Artic Canada) deposits grew on open marine, subtidal shelves or subtidal carbonate ramps
(Shapiro and Awramik, 2006). After the Cambro-Ordovician Microbialite Resurgence,
thrombolite abundance rapidly declined in the early-middle Ordovician (Myshrall et al., 2012).

Modern Thrombolites
Thrombolites are typically thought to have been located exclusively in marine
paleoenvironments due to fossilized microbialites being found in marine formations, however,
this may be due to an increased preservation potential of marine environments. Modern
thrombolites are forming around the world in a variety of environments including lacustrine,
lagoonal, hypersaline, and shallow marine (Figure 9; Myshrall, 2012).
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Figure 9. Map of modern thrombolite-forming environments as reported in the literature (From Myshrall,
2012). 1. Lake Van, Turkey, 2. Lago Sarmiento, Chile, 3. Laguna Mormona, Baja California, Mexico, 4. Lee Stocking
Island, Bahamas, 5. Highborne Cay, Bahamas, 6. Lake Thetis, Western Australia, 7. Lagoa Vermelha, Brazil, 8. Storr's
Lake, San Salvador, Bahamas, 9. Lake Clifton, Western Australia, 10. Gotomeer, Bonaire, Netherland Antilles, 11.
Sleaford Mere, Australia, 12. Cuatro Ciéngas, Mexico, 13. Laguna Bacalar, Quintana Roo, Mexico, 14. Green Lake,
NY, USA, 15. Pavilion Lake, BC, 16. Kelly Lake, BC, Canada, 17. Lake Fellmongery, Australia, 18. Lake Richmond,
Australia, 19. Lagoa Salgada, Brazil, 20. Lagoa Pitanguinha, Brazil, 21. Los Roques, Venezuela, 22. Clinton Creek,
Yukon, Canada, 23. Mono Lake, CA, USA, 24. Chetumal Bay, Belize, 25. Lagoa Pernambuco, Brazil, 26. Hamelin
Pool, Shark Bay, Western Australia, 27. Lizard Island, Great Barrier Reef, 28. Tahiti.

Our understanding of early life and early environments is derived from investigations of
fossilized and modern microbialite structures. In studying extant thrombolite-forming
environments through key physicochemical factors (i.e. salinity, temperature, etc.) it may be
possible to better identify the critical processes of thrombolite formation, which may improve the
understanding of thrombolite preservation throughout geologic time.

GOALS AND OBJECTIVES OF THIS STUDY
As discussed above, thrombolites can form in a variety of different environments. This
study compares two very different modern thrombolitic environments: Green Lake, New York
and Highborne Cay, Bahamas. Although both of these environments support microbialite growth,
there are major differences regarding geographic location, which affects for example,
temperature, light, and seasonality and also water chemistry and sediment supply.
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Green Lake is a meromictic, hard water lake in Fayetteville, NY with an average salinity
of ca. 4 psu. The water column is permanently stratified, which is caused by an inflow of saline
ground water that is rich in dissolved calcium and sulfate as a result of dissolution of gypsum in
the shale units underlying the basin (Anderson et al., 1985). The upper, mixed, portion of the
lake is supersaturated with calcite throughout the year (Brunskill, 1969; Thompson and Ferris,
1993). As a result, the lake supports the formation of a large carbonate platform as well as annual
microbe-induced whiting events within the water column (Figure 10; Thompson et al., 1990).
These unique forms of carbonate production within Green Lake are particularly interesting as
they are affected by seasonal variations in temperature, alkalinity, sediment supply, and
microbialite structure.

Figure 10. Map of Green Lakes State Park in Fayetteville, NY. The microbialite platform is located at
Deadman’s Point (red circle). At this location a thrombolitic platform wedges out into the lake (insert on right).
The right panel depicts a detailed cross section of the thrombolite platform at Deadman’s Point. In 1990, the
platform extends only ~7m into the lake. Samples for this study were collected from the surface of the platform
at Deadman’s Point (adapted from Thompson et al., 1990.

Highborne Cay, Bahamas is an open marine environment located in Exuma Sound with
an average salinity of 35 psu. Thrombolite platforms in Highborne Cay are found in the intertidal
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zone, while stromatolites have been found and extensively studied in the subtidal zone (Reid et
al., 2003; Dupraz and Visscher, 2005; Myshrall et al., 2010). The oolitic sand banks off the
beach in Highborne Cay provide an intermittent sediment supply to the stromatolites and
thrombolites. Thrombolites were studied within Site 5 as designated by Andres and Reid, 2006.

Figure 9. Map of study area in Highborne Cay, Bahamas. The microbialites are found on the eastern
portion of the island with open ocean to the east and the Bahamas Bank to the west. Aerial photos show
microbialite locations as designated by Andres and Reid, 2006. Thrombolite samples for this study were
collected from site 5 (adapted from Andres and Reid, 2006 and Myshrall, 2012).

As previously mentioned, the processes creating a clotted microbialite fabric are not well
understood. In an attempt to improve this understanding, this geomicrobiological study uses
physicochemical and sedimentological data to characterize these two different extant
thrombolite-forming environments, analyze thrombolitic fabric, and study potential precipitation
processes that could lead to the formation of a thrombolite fabric.
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The goal of this study is to identify the major differences in physicochemical
conditions and thrombolitic fabric within two contrasting modern thrombolite
environments (i.e., an open marine system and a closed, hard water lake).
The main objectives of this study are to better understand 1) the different environmental
conditions under which thrombolites are currently forming (i.e. marine vs. lacustrine); 2) the
differences and similarities in thrombolite fabric between marine and freshwater systems; 3/4)
variability in thrombolite fabric over spatial and temporal scales; and 5) the processes of mineral
precipitation within a microbial biofilm.
The approach to investigate these objectives includes:
1.

Identifying the differences in the major physicochemical factors (i.e., light,
sediment supply, temperature, pH, water chemistry, etc.) between the two
thrombolite forming environments and trying to identify signatures in the fabric
resulting from these environmental differences.

2.

Examining and comparing thrombolitic fabric from both locations on the
mesoscopic and microscopic scales to understand the effects of trapping and
binding and mineral precipitation location and morphology within the fabric.

3.

Constructing a transect of a thrombolitic bioherm in Highborne Cay to identify
differences in microbialite fabric on a macro-spatial scale.

4.

Analyzing thrombolitic fabric and microbial mat development variability
coupled with physicochemical changes to understand the effect of seasonal
variation within Green Lake.
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5.

Conducting laboratory precipitation experiments within cyanobacterial
enrichments to gain insight into precipitation nucleation, mineralogy and
morphology over time.

Field measurements of physicochemical data and collection of microbialite samples were
carried out during field trips to Highborne Cay and Green Lake. Extensive microscopy of the
thrombolitic fabric was conducted using thin section and dominant cyanobacterial species were
isolated and used in the laboratory for forced precipitation experiments. Together, these
investigations aim to provide a better understanding of the processes affecting thrombolite
formation and may facilitate a better interpretation of the fossil record.

MATERIALS AND METHODS
Research and data collection for this study involved fieldwork and laboratory
experiments conducted between September 2012 and April 2014. Fieldwork included site
analysis of Green Lake, New York and Highborne Cay, Bahamas. Physicochemical parameters
such as pH, salinity, temperature, light levels, water depth, and sediment supply were recorded
for site analyses. Microbialite samples were collected for imaging, thin section and scanning
electron microscopy (SEM) analysis. In the laboratory, water samples from the sites were
analyzed for carbonate alkalinity, major cation and anion composition, and saturation indices of
calcium carbonate minerals. Cyanobacterial enrichment cultures were cultivated for forced
precipitation experiments and microscopic analysis. The images and data collected allow for a
better understanding of microbialite formation in Green Lake and Highborne Cay.
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FIELDWORK
Fieldwork for this study was performed between fall 2012 and spring 2014. Trips to
Green Lake, New York were made in October 2012, May 2013, September 2013, November
2013, and April 2014. Highborne Cay, Bahamas samples were collected during November 2012
and October 2013. Fieldwork at both locations consisted of the collection of microbialite handsamples and water samples for laboratory analysis, measurement of physicochemical conditions,
and documentation of each site.

Sampling Procedures
Samples of microbialite were removed from the bioherm using a knife or plastic spatula
and were placed in a clean plastic container. Samples were wrapped in plastic wrap to prevent
desiccation, labeled, and refrigerated before being transported back to the lab where they were
stored at 4ºC until analysis.
In Green Lake (43° 3'7" N, 75°57'52” W) , samples were collected from the edges of the
platform to decrease the likelihood of fabric disruption by human interaction. Sediment from the
surface of the platform as well as the near-shoreline was also collected for thin section and SEM
analysis. Selected microbialite samples were placed in a 5% formalin and filtered site water
solution and refrigerated to preserve for low temperature scanning electron microscopy (cryoSEM) analysis (see below).
Water was collected using pre-rinsed plastic bottles. Water was filtered using a 0.22 µm
filter tower or a 0.22 µm syringe filter and 50 mL falcon tubes until the tubes/bottles were filled
to the top and capped (to minimize head space and avoid gas exchange). Unfiltered water was
also collected using pre-rinsed 2 L plastic bottles. All water samples were stored at 4ºC until
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analysis.
In Highborne Cay (24º42’51” N, 76º49’09” W), samples were collected using a knife or
spatula and placed in plastic containers while in the field. Samples for this study were collected
from the northern portion of a platform identified in “Site 5” by Andres and Reid (2006).
Samples were collected in transect from the beach to better understand spatial variability within
the platform. Off-site samples were then initially analyzed and imaged using a Dinoscope handheld USB microscope. Samples were wrapped in plastic to prevent desiccation and labeled
before being stored at 4ºC. Some samples were placed in a 5% formalin and site water solution
to preserve for cryo-SEM analysis (see below).
Highborne Cay water was collected on the last day on location using pre-rinsed plastic
bottles. The water was then filtered using a 0.22 µm syringe filter and 15 mL and 50 mL Falcon
tubes, which were filled to the top and capped trying to minimize the amount of headspace to
avoid gas exchange. Sampling at Highborne Cay was conducted during a four-hour window
around low tide to allow for the maximum exposure of the platform.

Field Data Collection
Data to provide a context for the role of physicochemical conditions in microbialite
formation were measured during sample collection efforts at each site. These environmental
parameters included light level, temperature, pH, salinity, and site description. A SevenGo Duo
Pro conductivity and pH meter (Mettler Toledo, Westfield, MA) was used to measure the pH of
the water. A MR100ATC salinity refractometer (Milwaukee instruments, Rocky Mount, NC)
was used to measure salinity. A Traceable digital thermometer (Fisher Scientific, Hampton, NH)
was used to measure the water temperature. A LiCor Li250A and Li190 quantum sensor light
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(Licor, Lincoln, NE) meter was used to measure the available light levels for each location.
Notes on weather conditions and approximate air temperature were also recorded. Sketches were
made of the platforms with measurements using a tape measurer. Photographs were taken of
each site, the water level variability, hand samples collected, and the microbialite platform.

LABORATORY EXPERIMENTS:
Laboratory experiments were conducted to better understand the processes occurring at
Green Lake and Highborne Cay regarding microbialite formation. Carbonate alkalinity and
major cation and anions concentrations were measured to establish the water chemistry of both
environments. Water chemistry is important in calculating the saturation index, or the likelihood
of carbonate minerals to precipitate within the system. Precipitation experiments provide context
to mineral formation within cyanobacterial biomass, potentially leading to a microbialite
structure. Petrographic thin section and scanning electron microscopy (SEM) analyses of
microbialite samples provide an understanding of thrombolite structure and a possible gateway to
thrombolite formation.

Titration Methods
Filtered and unfiltered water samples from Green Lake and Highborne Cay were titrated
for water alkalinity the day after collection. Replicas of the titrations were also completed
multiple times following collection. For a titration, 45 mL of 0.22 filtered site water was put into
a glass beaker along with a magnetic stir bar. The sample was gently (150 rpm) stirred on an
Isotemp digital magnetic stirrer (Fisher Scientific, Hampton, NH). The initial temperature and
pH of the sample was measured and recorded using a SevenGo Duo Pro conductivity and pH
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meter (Mettler Toledo, Westfield, MA). Acid (HCl) and base (NaOH) solutions were prepared
using 1N HCl, 1N NaOH and deionized water. The concentration and volume of the acid and
base solutions varied with initial site water volume and expected alkalinity (Table 1).
Using a Finnpipette II fixed volume pipette (Fisher Scientific, Hampton, NH) 50 µL of
the HCl solution was added to the water sample. After each input of acid, the pH of the sample
was measured and recorded. The HCl solution was added and pH recorded until the pH of the
water sample was between 2-2.7. The sample was then degassed for three minutes by increasing
the magnetic stirrer to 1000 rpm. After degassing the pH was recorded again before the sample
was back-titrated using the base (NaOH) solution. Similarly to the acid titration, 50 µL of the
NaOH solution was added and the pH measured for each increment. The base solution was added
and pH recorded until the pH of the sample reached 10. GRAN function calculations for
alkalinity were done using Microsoft Excel as well as the web-based USGS Alkalinity Calculator
(http://or.water.usgs.gov/alk/).
Titrations before March 1, 2014 were measured using a using a SevenGo Duo Pro
conductivity and pH meter (Mettler Toledo, Westfield, MA) while titrations after March 1, 2014
were measured using an accumet Basic (AB250) Benchtop pH/ion selectivity meter (Fisher
Scientific, Hampton, NH).
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Table 1. Titration Procedures for Calculating Alkalinity
Initial Site Water
Volume

Titrant Concentration
(HCl/NaOH)

Titrant Volume
Increments

45 mL

0.05 N

50 µL

45 mL

0.1 N

50 µL

10 mL

0.05 N

10 µL

45 mL

0.1 N

100 µL

40 mL

0.1 N

20 µL

45 mL

0.1 N

20 µL

30 mL

0.3 N

20 µL

20 mL

0.1 N

20 µL

3 mL

0.05 N

5 µL

1 mL

0.05 N

1 µL

18 mL

0.075 N

15 µL

30 mL

0.075 N

25µL

* Titrant concentration and volume was dependant on amount of initial site water
available and expected alkalinity range.

Major Anion and Cation Composition
Water samples were analyzed for major anion and cation concentrations using a Dionex
ICS-3000 and Chromeleon chromatography management system (Dionex, Sunnyvale, CA).
Anion and cation concentrations were determined using ion chromatography with suppression.
Water samples were filtered (0.22 µm) in the field and stored at 4ºC until analysis. Each water
sample was diluted to a level so that ions could still be detected, but not risk over-saturating the
column. Dilution was also necessary to accurately compare site results to standards. Green Lake
samples were diluted 5x due to high calcium levels seen in previous research (Brunskill and
Harriss, 1969). Highborne Cay water was diluted 500x due to its salinity. Dionex Six Cation-II
Standard was used to standardize levels for lithium, sodium, ammonium, potassium, magnesium
and calcium. Dionex Seven Anion Standard II was used to standardize fluoride, chloride, nitrite,
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bromide, nitrate, phosphate and sulfate. A series of the corresponding standards was run before
the samples were analyzed. The standards were diluted 1, 5, 10, 25, 50, and 100 ppm for sulfate
(anion; Table 2) and 1, 5, 10, 25, 50, 100, 250 and 500 ppm for calcium (cation; Table 3).
Calcium and sulfate were chosen as set points for the standards because of their initial
concentration within the standard and their prevalence in samples from previous research at these
locations.

Table 2: Concentrations of Diluted Anion Standards
Anion

Initial Standard Concentration
(100 ppt sulfate)

50
ppm

25
ppm

10
ppm

5
ppm

1
ppm

Fluoride
Chloride
Nitrite
Bromide
Nitrate
Phosphate
Sulfate

20
100
100
100
100
200
100

10
50
50
50
50
100
50

5
25
25
25
25
50
25

2
10
10
10
10
20
10

1
5
5
5
5
10
5

0.2
1
1
1
1
2
1

Table 3: Concentrations of Diluted Cation Standards
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Cation

Initial Standard
Concentration
(500 ppt calcium)

250
ppm

100
ppm

50
ppm

25
ppm

10
ppm

5
ppm

1
ppm

Lithium

50

25

10

5

2.5

1

0.5

0.01

Sodium

200

100

40

20

10

4

2

0.4

Ammonium

250

125

50

25

12.5

5

2.5

0.5

Potassium

500

250

100

50

25

10

5

1

Magnesium

250

125

50

25

12.5

5

2.5

0.5

Calcium

500

250

100

50

25

10

5

1

	
  
Five sets of anion standards were run along with water samples from Green Lake:
October ’12, May ’13, September ’13, November ’13, and April ’14; Highborne Cay:
November ’12, October ’13, and March ’14.; and forced precipitation experiments (see below): 0,
4, 24, 48, 72, and 96 hours. R2 values were generated for the standards to show discrepancy
between the expected concentration of diluted standards and the measured concentration of those
standards. The range of R2 values for the seven-element anion standard dilutions was 0.9982 to
1.0. The median of the R2 values was 0.9997 and the mean was 0.9995. R2 values were also
generated to show any variation within the triplicate anion water samples.
Two sets of cation standards were run with water samples from Green Lake: October ’12,
May ’13, September ’13, November ’13, and April ’14; Highborne Cay: November ’12,
October ’13, and March ’14.; and forced precipitation experiments (see below): 0, 4, 24, 48, 72,
and 96 hours.
For analysis, samples were pipetted into 0.5 mL PolyVials and plugged with 0.5 mL filter
caps (ThermoScientific, Waltham, MA). Samples were run in order of expected anion and cation
increase (i.e. more saline samples run later in the batch to reduce oversaturation and
contamination of the following samples). Green Lake samples were first, followed by forced
precipitation experiment water, and lastly Highborne Cay water samples. A blank was placed in
between each sample set in the sample tray to minimize contamination from previous samples
(i.e. when switching from Green Lake to forced precipitation and before and after each
Highborne Cay sample). These samples were loaded into a AS40 Automated Sampler using 5
mL vial cassettes (Dionex, Sunnyvale, CA).
For anion analysis, the following equipment was used in the ICS-3000: IonPac AS11 4 x
250mm analytical column, IonPac AG11 4 x 50mm guard, AERS 500 4mm electrolytically
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regenerated suppressor (Dionex, Sunnyvale, CA) and a conductivity detector cell
(ThermoScientific, Waltham, MA). Eluent for anion analysis included deionized water and
50mm NaOH. Using the Chromeleon software, a program adapted from Dionex Application
Note 123 was developed for anion analysis.
For cation analysis, the following equipment was used in the ICS-3000: IonPac CS16 5 x
250mm analytical column, IonPac CG16 5 x 50mm guard, CSRS 300 4mm electrolytically
regenerated suppressor (Dionex, Sunnyvale, CA) and a conductivity detector cell
(ThermoScientific, Waltham, MA). Eluent for cation analysis included deionized water and
100mM methanesulfonic acid (MSA). Chromeleon software, and a modified version of Dionex
Application Note 141 were used for cation analysis.

Calculation of Saturation Indices
Using element concentration from the ion chromatography data and the alkalinity values
from titrations, the saturation index of calcium carbonate was calculated using the online
chemical modeling program Web-PHREEQ: Aqueous Geochemical modeling from the North
Dakota Sate University department of Geosciences (http://www.ndsu.nodak.edu/webphreeq/). The
saturation index (Equation 4, Introduction) was calculated using mineral solubility products (Ksp)
generated by the program (Parkhurst and Appelo, 1999). Using this program we calculated the
saturation indices of the water samples with respect to calcite, aragonite and dolomite.

Enrichment Cultures
Pieces of microbialite collected in the field and stored at 4ºC were placed in 200 mL
Erlenmeyer flasks with 100 mL of 0.22 µm filtered site water and plugged with a sterile cotton
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stopper then covered in aluminum foil and incubated under artificial light for 24 hours a day.
Within 2-3 weeks cyanobacterial growth was observed as green biomass within the flask. Every
6-8 weeks a small (~1 mm x 1 mm) piece of the cyanobacterial enrichments was transferred to a
Erlenmeyer flask containing sterile ASN III medium (see below) using a sterilized wire loop.
These transfers allowed for continual growth of the enrichment and provided fresh
cyanobacterial enrichment for the forced precipitation experiments (see below).
In order to isolate the cyanobacterial pure culture within the microbial mat enrichments,
race-track experiments were done on some of the enrichments (Figure 12). Agar petri dishes
were prepared using Difco granulated agar and ASN III (or modified) medium. The agar was
then lightly streaked in one direction using a sterilized brush, creating tracks in the agar. A small
sample of the cyanobacterial enrichment culture was then transferred to one end of the agar
tracks. The petri dish was half covered in aluminum foil in such a way that the side containing
the inoculum was covered to prevent light penetration. Cyanobacteria are phototactic because
they require light for photosynthesis. Once the cyanobacteria had migrated toward the lightexposed side of the dish, the agar piece containing the cyanobacteria was transferred into a flask
with liquid ASNIII medium and cultivated using the same techniques as used for enrichment
cultures.

Figure 12: Racetrack experiments of Green Lake October cultural enrichment after 2 weeks. The dark green
area on the left of both images (a) is the piece of enrichment placed on the ASNIII* agar. That portion of the
petri dish was covered with foil, while the right portion was exposed to light. The image on the right shows
the “track” along which the cyanobacteria had begun to travel (towards the light-exposed area). Pieces agar
containing the migrating cyanobacteria were removed (arrows) and cultivated for isolated cultures.
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Medium Preparation
ASN III medium and modified ASN III* medium, which are mineral mediums used to
support photoautotrophic growth (Rippka et al., 1979), were used to cultivate cyanobacterial and
was used in some forced precipitation experiments. In preparing 400 mL of ASN III medium,
100 mL of sterile deionized water was added to a 500 mL beaker along with a magnetic stir bar.
The following liquid stock solutions were then added using a sterile pipette: 0.4 mL of 20 g/L
K2HPO4, 0.4 mL of 25 g/L tricine solution, 0.4 mL trace metal solution, 0.4 mL Fe-EDTA
solution, 0.4 mL of 3 g/L citric acid and 0.4 mL of 10 mg/L vitamin B12. The trace metal solution
consisted of (per liter): 2.86 g H3BO3, 1.81 g MnCl2*H2O, 0.222 g ZnSo4*7H2O, 0.39 g
Na2MoO4, and 0.494 g Co(No3)2*6H2O.
Next, the following chemicals were added one at a time: 10.2 g NaCl, 1.4 g
MgSO4*7H2O, 0.8 g MgCl*6H2O, 0.2 g CaCl2*2H2O, 0.3 g NaNO3, and 0.2 g KCl. The solution
was stirred thoroughly before adding the subsequent component. The volume was then added to
400 mL with deionized water and poured into a 500 mL glass bottle. The bottle was placed in the
autoclave and sterilized in a Waring pressure cooker and cast iron burner on high (level 5) for 15
minutes followed by 15 minutes on low/medium (level 2) . Once the bottle cooled, 0.4 mL of
20g/L filter sterilized Na2CO3 was added using a sterile pipette. The medium was kept at 4ºC
until used. Modified ASN III medium (ASNIII*), which did not include the 10.2 g of NaCl, was
used for Green Lake samples because of the low salinity in the natural lake water.

Forced Precipitation Experiments
Forced precipitation experiments used to understand organomineralization and
precipitation of minerals related to the alkalinity of the site water and other physicochemical

44	
   	
  

	
  
conditions. Precipitation experiments were performed on the cyanobacterial enrichment cultures
from Green Lake September in site water over a five-day period. The changes over time in pH,
alkalinity, water chemistry, precipitation, and changes between light and dark were measured.
One experiment looked at the difference in precipitation between samples exposed to
light, while others were left in the dark. Cyanobacteria require light to undergo photosynthesis.
Examining differences in precipitation in light and dark environments provided information
regarding the role of cyanobacteria in the precipitation of carbonate minerals.
The light vs. dark forced precipitation experiment (carried out in February 2014) was
conducted in thirteen 13 mL falcon tubes with 5 mL of 0.22 µm filter-sterilized Green Lake
September (GLS) water. These tubes were covered with a sterilized cotton ball plug to prevent
contamination from the atmosphere. Six of the tubes were wrapped entirely in aluminum foil and
labeling tape to keep these samples in the dark. Of the remaining seven tubes with site water, six
were exposed to light and one contained 0.22 µm GLS site water for initial (0 hour) analysis.
Five of each dark and light tubes were inoculated with equal sized pieces of enrichments from
Green Lake September 2013. The remaining light and dark tubes contained only GLS site water
to be analyzed for anions and cations at the end of the experiment. Samples were incubated
under artificial light 24/7 at room temperature (~23ºC) at intervals of 0, 4, 24, 48, 72, and 96
hours. At each interval samples were collected and dried using ethanol dilution and
tetramethylsilane (TMS). These samples were mounted and coated prior to SEM analysis.
Before the drying process, a subsample of the enrichment was removed and photographed under
an Olympus CX31 petrographic microscope (Olympus America, Center Valley, PA) . The water
in the tubes was removed and stored in the refrigerator for cation and anion analysis.
A modified precipitation experiment was run in March 2014 (Figure 13). This experiment
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was focused on changes in precipitation, alkalinity, and calcium concentration over a 96 hour
period. This experiment was conducted under artificial light for 96 hours.
In this experiment 4 mL 0.22 µm filtered Green Lake September water were put into each
well of a 15.5 mL 6-well plate. One well was left with only GLS site water to be analyzed for
cations, anions, and alkalinity at the end of the experiment. The other five wells were inoculated
with equal sized samples of cyanobacterial enrichment cultures from Green Lake September in
ASNIII* medium, as well as 1 mL of enrichment removed from the flask using a pipette.
At intervals of 0, 4, 24, 48, 72, and 96 hours, light level and room temperature were
measured. At these intervals, the contents of the well plates were pipetted into five 1.5 mL
microcentrifuge tubes. The samples were centrifuged for 5 minutes in a microcentrifuge at 6,000
rpm. Following the centrifugation, the supernatant of each microcentrifuge tube was removed
and kept for anion/cation and alkalinity analysis (see above). Some water was left in the bottom
of the tubes to help loosen the biomass that had collected in the bottom. The solid contents
(precipitates and cyanobacteria) of the microcentrifuge tubes were then scraped and pipetted into
a single microcentrifuge tube and centrifuged for another 5 minutes. After centrifugation, a
subsample of the cyanobacterial biomass was analyzed using the petrographic microscope and
photographed using a Olympus DP25 microscope-mounted camera (Olympus America, Center
Valley, PA).
The remaining cyanobacterial biomass was dried using an ethanol dilution method, which
involved bathing the sample in ethanol solution at increasing percentage (i.e. 10, 25, 50, 75.
90%) for fifteen minute intervals until the sample was fully immersed in 100% ethanol. The
sample was removed from the ethanol and placed in 99+% tetramethylsilane, which replaces the
ethanol within the sample before evaporating. The dried samples were mounted onto aluminum
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specimen mounts (Ted Pella - 1/2” slotted head, 1/8” pin) using double coated carbon conductive
tabs (Ted Pella Inc., Redding, CA). These samples were coated with 10 nm (1.5 minutes) gold
palladium using a sputter coater at the University of Connecticut’s Bioscience Electron
Microscopy Laboratory (BEML). Samples were analyzed and imaged using the BEML’s Nova
NanoSEM (FEI, Hillsboro, OR) with an Oxford Energy Dispersive Spectroscopy (EDS) system
(Oxford Instruments, Abingdon, UK) . Elemental composition maps were created using the
Oxford Aztec software. Samples were kept stored in a vacuum desiccator until SEM analysis.

Figure 13: 1. A flask of cyanobacteria enrichment culture from Green Lake, New York, September 2013.
2. The 6-well plate containing innoculated site water to be removed at time intervals of 4, 24, 48, 72 and 96 hours.
3. Uncoated sample stubs for SEM analysis of biomass collected at 0, 4, 24, 48, 72 and 96 hours.

A blank control experiment was conducted to compare non-precipitation-related
alkalinity changes in the water over time. As calcium carbonate minerals precipitate, the
alkalinity of the water should decrease as should the concentration of calcium ions in the water.
This experiment accounted for changes of alkalinity without precipitation, which may be caused
by degassing, evaporation, or other factors. For this experiment 5mL of 0.22 µm filtered Green
Lake September water was added to each of the six wells in a sterile 15.5 mL 6-well plate. In this
control, no wells were inoculated with bacterial enrichments and only contained filter-sterilized
site water. At intervals of 0, 4, 24, 48, 72, 96, and 120 hours incubation at room temperature,
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measurements were taken. At these times the contents of the well was pipetted into 1.5 mL
microcentrifuge tubes. The samples were centrifuged for 5 minutes at 6,000 rpm in a
microcentrifuge. Following the centrifugation, the supernatant of each microcentrifuge tube was
removed and kept for major cation/anion and titration analysis. The resulting alkalinity and ion
analysis was compared to the data collected from the forced precipitation experiment.

MICROSCOPY TECHNIQUES AND SAMPLE PREPARATION

Scanning Electron Microscopy
Microbialite samples were collected and cut into < 1 cm pieces. Samples for scanning
electron microscopy (SEM) analysis must devoid of water to be analyzed in the microscope. The
first step of dehydrating these samples was to submerge them in an ethanol solution at an
increasing percentage (e.g. 10, 25, 50, 75. 90%) for two fifteen-minute intervals until the sample
was immersed in 100% ethanol. The sample was removed from the ethanol and placed in
tetramethylsilane, which replaces the ethanol within the sample before evaporating. The dried
samples were mounted onto aluminum specimen mounts (Ted Pella - 1/2” slotted head, 1/8” pin)
using Ted Pella Pelco colloidal silver liquid glue. The glue was then set for 24 hours at room
conditions. Samples were stored in a vacuum desiccator prior to coating and SEM analysis.
Samples were coated with 10 nm (1.5 minutes) gold palladium using a sputter coater at
the University of Connecticut’s Bioscience Electron Microscopy Laboratory (BEML). Samples
were initially analyzed and imaged using a Phenom Pro X desktop SEM (Phenom World,
Eindhoven, Netherlands). Further imaging and analysis was done using the BEML’s Nova
NanoSEM with an Oxford Energy Dispersive Spectroscopy (EDS) system. Elemental
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composition maps were created using the Oxford Aztec software.
Although the samples were coated, images using the Everhart Thornley detector (ETD)
showed some charging (Figure 14). The use of the Concentric Backscatter (CBS) detector
allowed for better images of the mineral and microbe structures (Figure 15). For ETD imaging,
best results were acquired at an accelerating voltage of 5 kV. For CBS imaging, the best results
were at a spot size of 5 and an accelerating voltage of 10 kV. At times line integration was used
and the dwell time was reduced (for ETD) or increased (for CBS) to provide a clearer image and
eliminate charging.

Figure 14: Micrograph using ETD (left) with charging visible and structures hard to define. Micrograph using CBS
detector (right) reduces charging and the structures are more easily identifiable.

Petrographic Thin Section Preparation
Thrombolite samples were collected and preserved the same ethanol and
tetramethylsilane drying method as the SEM samples (see above). Samples were first embedded
in a low temperature epoxy resin (Epofix) in a Struers CitoVac vacuum impregnation unit for six
minutes using 1.25 inch disposable mold cups (Struers Inc., Cleveland, OH). Once the embedded
samples were hardened for 24 hours, they were examined under an Olympus SZ51 dissecting
microscope to identify where they should be sectioned based on intact surface mat and greatest
width of sample.
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After sections were identified, the samples were initially cut using a Stuers Secotom 10
precision saw . The sawed side of the sample was polished on glass plates using 600 followed by
1000 grit and a lubricant/water mixture until smooth and glassy. The polished side of the
resulting sample was mounted to a clean glass slide using Hillquist A/B, a low-temperature
epoxy resin (Hillquist Inc., Denver, CO). After the samples were cured to the slide (~12 hours),
the resulting sections were trimmed down further using a lapping and polishing machine until
they are approximately 2 mm thick. The samples were polished using 600 and 1000 µm grit until
smooth and glassy. The resulting thin sections were examined using an Olympus CX31
petrographic microscope (Olympus America, Center Valley, PA). Images of the thin sections
were acquired using an Olympus DP-25 microscope-mount camera. The thin sections were
scanned and mapped in Adobe Illustrator to reflect similar features found in the microstructure of
the microbialite samples.
Thirty-seven thin sections were made from samples collected from Green Lake in
October 2012, May 2013, September 2013, and November 2013 and Highborne Cay in
November 2012 and October 2013. Each location was represented by 3-8 thin sections,
depending on sample availability. Some thin sections were not examined due damage during
processing, but a total of 29 were used for analysis.
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RESULTS
MORPHOLOGY OF MICROBIALITES
Thrombolitic structures were identified in Green Lake, NY and Highborne Cay, Bahamas.
Differences in thrombolite fabric were recognized on the mesostructure and microstructure
scales. The clotted fabric in Green Lake was a hard, mineralized substrate below a presently
forming mat community, which varies in thickness and structure seasonally. The mesoclots in
Highborne Cay were found beneath an ooid-rich microbial mat community. Detailed analysis of
the thrombolitic structures on the macro-, meso-, and microscopic scale provided insight into the
difference in fabric between these two thrombolite-forming communities.

GREEN LAKE: FAYETTEVILLE, NEW YORK
Trips to Green Lake, NY were made on October 6, 2012 (GLO12); May 22, 2013
(GLM13); September 4, 2013 (GLS13); November 20, 2013 (GLN13); and April 22, 2014
(GLA14). During these times samples were collected from Dead Man’s Point, specifically from
locations B, C, D and E on the platform (Fig. 16). The area of the platform studied was
measured on October 6, 2012 and spanned 16.64 meters along the shore at Dead Man’s Point and
protruded 11.24 meters out into the lake. It should be noted that the platform extended further to
the southeast, however in this study, samples were collected mainly from the northwestern
portion of the platform. Other carbonate build-ups were observed at different locations around
the lake, but are not included in this study.
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Figure 15. Aerial sketch of the thrombolite platform at Deadman’s Point in Green Lake, New York.
Samples were collected from this northern-most portion of the platform. A rock (black) was located at this
portion of the platform and helped in understanding changes in water level. The majority of samples used
in this analysis were collected from location B. Samples were also collected from sites C, D and E.
Locations A and D were periodically exposed at the surface throughout the year. Location F was a deeper
portion of the platform that was rarely sampled.

Green Lake Thrombolite Mesostructure
GLO12: In October 2012, the platform was exposed at locations A and D (Fig. 16, Figure 17).
The water depth was 5-10 cm at the center of the platform (C), deepening to 20-40 cm towards
the northern edge of the platform (B) as well as on the southern half of the platform (F). Some
parts of the platform, south of the sampling area, were covered with a green, eukaryotic turf
(Figure 16). Microbialite samples were collected from area B both from the surface of the
platform as well as from the edge. Samples were also collected from area E, a protruding, but not
exposed ridge on the center of the platform. Loose sediment and leaf debris covered the
submerged portion of the platform. The exposed areas of the platform were hard, stable, and in
some places had begun to sprout grass.
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Figure 16. On the left, Students standing on the exposed portion of the platform (A) in October, 2012. The exposed
portions of the platform were very hard, exhibited weathering, and were sometimes sprouting grass. On the right, a
closer image of the platform macrostructure with some areas of colonized by green algae. Samples collected in
October 2012 did not exhibit algal growth.

Samples removed from the submerged part of the platform consisted of a hard, yellowishbrown clotted structure overlain by a soft, green, sediment and EPS-rich microbial mat with an
average thickness of 1 cm. Macroscopic images show the yellowish-brown 0.25-2 cm clots fused
together (Figure 17). At the surface of these hard, stable, mineral forms there was sometimes a
fine, light yellow-colored layer that was somewhat lithified. Coarser sediment from the overlying
mat filled the voids between some of the clotted structures closer to the surface. In these images
there were areas of red dots on the clots closer to the mat interface, which may have been
bacterial communities. Macropod images of the microbial mat showed small sediment grains
trapped within the gelatinous EPS (Figure 17). Transparent, yellow, and green filaments were
also present. These filamentous structures were vertically oriented in the lower section of the mat,
and lay horizontally on the surface of the mat. Images of hand samples also showed a thin (<
1mm) yellowish layer at the surface of the mat, where the sediment was finer and more
compacted. The microbial mat in October 2012 was ~80% sediment and ~20% organics.

	
  

53	
  

	
  

Figure 17. Mesostructure of thrombolite samples collected in October, 2012 at Green Lake. The Macropod image
(A) shows a lithified clotted structure overlain by a microbial mat made up of trapped and bound carbonate sediment,
filamentous bacteria and precipitants. Red dots coat the surface of the lithified clots (red arrows). A yellow-ish crust
is forming at the crust of the microbial mat (white arrow). A Dinoscope image (B) shows sediment filled voids
(black arrow) and a micritic crust at the surface (white arrow).

GLM13: In May 2013, the water level was higher and although the platform was still
exposed at location A, it was less exposed than it had been in the previous October (Image X).
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The water depth was ~25-30 cm and deepening to 40-60 cm on the southern side of the platform
(F) as well as closer to the edge (B). Location D was submerged. Samples were collected from
the edge of the platform (B) and the center of the platform (C) where the microbialite structure
was exposed through the sediment (Figure 18). The sediment load on the surface of the platform
was much more prevalent than in October 2012 and a sample of it was collected for thin-section
analysis (Figure 30). The majority of the sediment was very fine-grained ( <100 µm in diameter),
light colored, carbonate sand with some fine to coarse, darker, siliciclastic sediments. There were
also larger (2-4cm), sub-angular clasts that became more prevalent closer to shore (Figure 18).

Figure 18. The thrombolite platform at Green Lake in May 2013. Water level was higher compared to October,
2012 and only a portion of location A was exposed. Fine grained carbonate sediment covered most of the platform.

Samples collected from the platform immediately following the spring thaw of the lake in
May showed extensive lithification and were covered in loose sediment that often washed off the
samples during collection from the platform. Brown and green flecks formed splotches of color
at the surface of the samples, but no sediment-laden mat was present (as seen in October sample).
In the May samples, the yellowish-brown highly lithified layer made up the majority of the
structure (Figure 19). Carbonate sediment (<100 µm) filled the voids between the clotted
structures. This infilled sediment appeared to become more clumped and lithified deeper into the
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structure. Sediment filling the voids between clots at the surface of the structure was loose and
coarser grained (~100 µm). Sediment filling the lower voids was finer grained (~50 µm) and had
begun to clump together forming lithified sub-spherical masses of sediment 0.5-1 mm in
diameter. A light, almost-white, mostly-lithified layer was present at the surface of the samples,
under the surface sediment. This layer was not as hard as the lithified clots, but was not loose
sediment.

Figure 19. Mesostructure of thrombolites collected from Green Lake in May 2013. Loose sediment filled the voids
of the samples washed off the surface during collection. A slight black and green film was present on the hard
lithified surface (black arrow), but no substantial microbial mat was present.

56	
   	
  

	
  
GLS13: The water level in September was similar to that in May, with only a portion of
location A exposed at the platform (Figure 20). Submerged portions of the platform on the
western edge showed bright green eukaryotic turf at the surface. Sediment covered the surface of
the platform and was fine grained with angular clasts close to the shore. Although the sediment
covering the surface of the platform was loose, a very green, sediment-laden mat was covering
much of the platform. The mat was composed of 95+ % sediment and < 5% organics. Samples
were collected from the edge of the platform (B) as well as the submerged, northern center of the
platform (C).

Figure 20. Green Lake thrombolite platform in September had a relatively high water level with only a small
portion of area A exposed. Thrombolitic macrostructure showed a very green, sediment-laden mat covering much of
the platform.

Samples collected from the platform in September differed greatly from the May 2013
samples with the yellowish-brown, hard, lithified and clotted structure covered with a bright
green microbial mat (Figure 21). The voids within the lithified clotted structure were filled with
medium to fine sediment that was similar to what was found across the surface of the platform.
The sediment within these clots was loosely held together by EPS. The surface sediment
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consisted of medium to fine carbonate sand, detrital plant pieces, small shells, and fine grained
siliciclastic sediments. Fine sediments existed further into the voids, forming more compact
areas of sediment than the larger, loose grains. At the surface of the clotted structure there was a
thin layer of white, fine, tightly packed sediment that was somewhat lithified into clumps. Above
that was a layer of dense green filaments and fine-grained sediment. This layer was also fairly
stable and resilient. The uppermost layer of the mat consisted of EPS and the larger grained
sediment that was loose on the surface of the platform. The microbial mat in September 2013
was ~90% sediment and ~10% organics. The average thickness of the microbial mat is 2-3 mm.

Figure 21. Mesostructure of thrombolites collected from Green Lake in September, 2013. Macropod Image (A)
shows a cross section of a sample with lithified clots, infilled with sediment, and overlain by a bright green
microbial mat. Closer images (using a Dinoscope) show: 1. Trapping and binding of carbonate grains within the
surface mat (arrow); 2. Void filled sediments containing both carbonate and siliciclastic grains loosely bound with
EPS; and 3. A thin micritized layer (arrow) between the clotted lithified substrate (c) and the microbial mat (m).
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GLN13: In November 2013, the water depth was ~10 cm where samples were collected
on the northern edge of the platform (B). The sediment on this date extended further out into the
lake from the shore and locations A and D were exposed. Fine, light sand and larger, dark,
angular siliciclastic grains made up the sediment. This sediment was overlain by leaf and wood
debris (Figure 22).

Figure 22. Green Lake thrombolite platform in November 2013. Increased sediment load on the platform compared
to previous months. Water depth was low, exposing locations A and D.

Samples were collected from the north-western edge of the platform and consisted of a
yellowish-brown clotted and lithified structure overlain by loose sediment (Figure 23). This
loose, larger grained sediment was found between the clots further down the structure. The loose
sediment overlying the clotted structure was slightly bound by EPS. Above this layer was a zone
of finer grained, tightly packed sediment and green filaments. This layer was crusty and more
resistant than the loose sediment below. Above the green layer there was a light brown layer that
extended to the surface of the mat. This layer was made up of sediment similar in size and
compaction to the green layer, however the filaments within this layer were brown, not green.
The light brown layer varied in hardness from hard and crusty to soft and malleable across the
surface of samples. The microbial mat in November 2013 was ~85% sediment and ~15%
organics. The average thickness of the mat was 4 mm.
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Figure 23. Mesostructure of thrombolite samples collected at Green Lake in November 2012 showed the alteration
of filamentous cyanobacteria and sediment at the surface of the mat (b). This alteration created a crust on the surface
of the mat. A green layer (c), lower in the mat also showed evidence of lithification and was more resilient than the
surrounding trapped and bound sediment. Sediment filled the voids of the lithified clotted structure and was loosely
bound by EPS (a).

GLA14: Water depth in April was 20-25 cm at the center of the platform (C) deepening
to 40-60cm at the edge. Samples were collected where the water depth was approximately 30cm
on the northern edge of the platform (B). Area D was submerged, while only a small portion of
area A was exposed. The platform was covered in loosely bound sediment that became more
prevalent closer to shore and towards the center of the platform (Figure 24). Large, angular dark
clasts were much more prominent than they had been in November 2013 and increase in
abundance closer to shore.
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Figure 24. The Green Lake platform in April 2014. The water level was relatively high compared to November
2012 and only a portion of location A was exposed. The platform was covered in loosely bound carbonate sediment.

Microbialite samples that were collected showed similar structures to those of November
2013. Yellowish-brown clots were present on the bottom of the microbialite. Voids between the
clots were filled with larger, loose sediment (Figure 25). Finer grained, light colored, more
compacted sediment overlies the clots. This light fine-grained layer was hard, but not completely
lithified. On the surface of this layer were a few vertically-oriented green filaments. Above these
filaments was a very fine thin layer of light-colored crust (Figure 25). Above this crust was a thin
covering of larger sediment, loosely bound to the surface. In some areas the more lithified finegrained sediment formed a thin crust over the voids. The microbial mat in April 2014 was ~95%
sediment and ~5% organics. The average thickness of the entire mat was 1-2mm.
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Figure 25. The mesostructure of thrombolite samples collected from Green Lake in April 2014 showed a compacted,
mostly lithified mat overlaying a clotted mineralized substrate. Voids within the substrate were mostly filled with
loose carbonate sediment. The lithifying surface mat was composed of a loosely bound carbonate crust at the surface
(1) with a green, somewhat lithified layer containing filaments (2), over a fine, white, lithified layer (3).

Green Lake Thin Section Microstructure
Thin sections of samples collected from Green Lake were described using seven
identified microfabrics (Figure 26). Although these fabrics were observed throughout the year,
the distribution within the structure appeared to vary seasonally. The majority of each thin
section sample was composed of type (1) microfabric, which represented the underlying, clotted
calcified substrate. This fabric was identified by fine-grained, grey, closely packed minerals.
Fabric (2) was a thin fabric made up of very-fine, tightly packed minerals that were dark (brown
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or grey) in color. Coarse grained, subrounded to angular, loosely packed sediment made up
fabric (3). Fabric type (4) was made up of moderately packed, medium to fine grains. The
presence of filamentous cyanobacteria was identified as fabric (5). In some samples, a laminated
fabric existed (6) at the surface of the calcified fabric (1). A rarely identified fabric (7) was
characterized by fibrous carbonate (needles) usually found within void spaces of the calcified
substrate fabric (1).

Figure 26. The seven microfabrics identified in Green Lake thrombolite samples: 1) the clotted, calcified substrate;
2). Tightly-packed fine grained carbonate; 3) loosely bound large grained carbonate grains; 4). Moderately packed,
medium to fine grained carbonate that often contained 5) filaments; 6) laminated fabric found within the surface of
the calcified substrate; and 7) fibrous carbonate needles forming within the void spaces of the calcified substrate.

Thin sections were made from samples collected in October 2012, May 2013, September
2013, and November 2013 (Figure 27). Samples collected in April 2014 were not included in this
analysis. Representative samples from each site location are shown below.
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Figure 27. Thin section maps created from samples collected at Green Lake in October 2012 (GLO), May 2013
(GLM), September 2013 (GLS), and November 2013 (GLN). Thin section mats showed thicker mat development in
October and November with the least (thin) mat development in May.

GLO12: Thin sections made from samples collected from Green Lake in October
showed the development of a thick microbial mat containing visible filamentous cyanobacteria
on the surface of the mineralized substrate (Figure 28). The lower portions of the sections were
primarily composed of a calcified substrate (fabric 1). Voids within this unit were often filled
with large, loose sediment (fabric 3). This loose sediment ranged in size from 100µm - 500µm.
Laminated fabric (6) was exclusively found on the surface of the carbonate substrate. The finely
packed mineral layer (2) was also found at the surface of fabric 1 (or 6, if present). This
compacted layer had no identifiable grains. The upper portion of the mat was made up of large
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loose sediments (fabric 3) and medium-grained, moderately packed sediments (fabric 4). Within
the medium-grained (20-100µm), moderately packed sediments was the presence of verticallyoriented filaments (5).

Figure 28. Representative thin section from October 2012 in Green Lake. Mat thickness was up to 1 cm and
consisted of a mineralized substrate (1) containing voids filled with large, loosely-bound carbonate sediment (3).
The substrate, which sometimes contained lamination (6) was overlain by a thin crust of very fine carbonate (2). The
upper portion of the mat was made up of medium-coarse moderately bound sediment (3,4) and contained some
vertical filaments (5).
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GLM13: Samples collected from Green Lake in May, 2013 showed relatively little
microbial mat development at the surface of the microbialite (1). Voids within the mineralized
fabric were often filled with the relatively large (>100 µm), loosely packed sediments. The
surface of the mineralized fabric was covered by either a thin mineral layer (2) or small areas of
moderately packed, finer (<100 µm) sediments (4). In some samples, this moderately packed
sediment layer showed some evidence of biotic activity colonizing the surface (5; Figure 29).

Figure 29. Representative thin section from May 2013 in Green Lake. Mat thickness almost non-existent (< 1 mm)
and consisted of a mineralized substrate (1) containing voids filled with large, loosely-bound carbonate sediment (3).
The substrate was sometimes overlain by a thin crust of very fine carbonate (2) or medium-fine grained carbonate
sediment (4).

GLM13-Sediment: Sediment taken from the surface of the platform in May 2013
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showed primarily moderately sorted, fine-grained, subrounded carbonate clasts (Figure 30).
There were also assorted medium to coarse-grained angular dark, siliclastic grains. The majority
of the carbonate grains were between 20-100 µm in diameter with some grains > 500 µm. The
siliclastic grains were, on average, > 500 µm, with grains up to 4 mm.

Figure 30. Thin section of sediment collected from the surface of the Green Lake platform in May 2013. The
majority of the sediment was medium-fine grained carbonate grains with a few larger carbonate and siliciclastic
grains throughout.

GLS13: September 2013 samples showed an increased mat accumulation at the substrate
surface (1; Figure 31). As with previous samples, some voids within the mineralized subsurface
were filled with larger-grained, loose sediments (3). In some September samples, lamination (6)
was present within the upper portion of the mineralized substrate. One of the samples showed
fibrous, teeth-like structures (~200 µm long) of carbonate within the subsurface (7), often
associated with void spaces. The majority of samples showed a thin layer (100-200 µm) of very
fine mineral material (2) at the surface of substrate (1). This fine material was overlain by
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medium-fine grained (20-70 µm), moderately compacted carbonate sediments (4) that contained
biologic material in the form of vertically-oriented, filamentous cyanobacterial structures (5).

Figure 31. Representative thin section from September 2013 in Green Lake. The average mat thickness was 2-3 mm.
The mat consisted of a mineralized substrate (1) containing voids filled with large, loosely-bound carbonate
sediment (3). Some of the voids lacking sediment contained teeth-like carbonate precipitation (7) The substrate was
overlain by a thin crust of very fine carbonate (2). The upper portion of the mat was made up of medium-coarse
moderately bound sediment (3,4) and contained some vertical filaments (5).

GLN13: Thin sections of microbialite samples collected in November 2013 showed a
relatively thick mat development (4 mm; Figure 32). Void spaces within the lithified mineral
structure (1) were filled with large (>70 µm), loosely packed sediment (3). In some samples
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lamination (6) was present within the upper portion of the mineral layer. A thin veil of fine,
dense sediment was found at the surface of the mineralized fabric and was overlain by medium
to fine grained sediment (4). Within the surface sediment were tightly packed, vertically oriented
filaments (5).

Figure 32. Representative thin section from November 2013 in Green Lake. The average mat thickness was 4mm
and consisted of a mineralized substrate (1). The substrate was overlain by a thin crust of very fine carbonate (2).
The upper portion of the mat was made up of medium-coarse moderately bound sediment (3,4) and contained some
vertical filaments (5).

GLN13-Sediment: Sediment on the surface of the platform in November 2013 was
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primarily composed of fine clasts of sub-rounded carbonate (50-100 µm). There were some
larger sub-angular, dark, siliclastic grains within the sediment as well (Figure 33).

Figure 33. Sediment collected from the surface of the Green Lake platform in November 2013 is primarily
composed of medium-fine grained carbonate with a few larger carbonate and siliciclastic grains throughout.

Green Lake SEM Microstructure
GLO12: Scanning electron microscope (SEM) imagery (Figure 34) of the surface of
October 2012 Green Lake samples showed collapsed EPS (wrinkles, strings, web-like structures),
which occurred during sample processing. Along with the EPS structures there were trapped
grains varying in size from 5-100 µm. There was also evidence of some diatoms trapped at the
surface of the EPS. Small precipitates (<5 µm) were seen as flecks within the EPS. In some
images, a crusty, carbonate layer was forming at the surface of the microbialite (structure). Small
(<5 µm) holes were seen on the carbonate crust as well as in trapped grains within the structure.
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Figure 34. SEM micrographs of samples collected at Green Lake in October 2012. Collapsed EPS structures (a)
were prevalent (collapse a result of drying the samples). Trapped and bound grains were also recognized (b) within
the fabric, with some of the grains containing boreholes. Precipitation (c) occurred within the EPS as small
precipitates and as carbonate crusts, which also showed evidence of boring activity.

GLM13: Relatively little EPS was present in the surface of May 2013 samples compared
to October 2012 samples. Most of the samples were covered in, or made up of, carbonate
minerals. Carbonate grains at the surface ranged in size from <10-300 µm in diameter. Many of
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the larger grains appeared to be aggregates of smaller <5 µm rhombic carbonate grains. Also
present on the surface were needle-like carbonate grains 10-30 µm in length. Small traces of EPS
could be identified between the carbonate grains, however, most of the collapsed strands were
encrusted in mineral precipitates (Figure 35).

Figure 35. SEM Micrographs of samples collected from Green Lake in May, 2013. Little EPS (a) is present and
most of the structure is made up of carbonate grains (b) or zones of precipitation (c).

GLS13: Copious amounts of EPS were observed in micrographs of samples from Green
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Lake September 2013. Within this collapsed matrix were carbonate grains ranging in size from
10-300µm. A closer look at some of these grains indicated that many of the grains larger than 25
µm were aggregates of smaller grains of carbonate that have fused together. In some areas EPS,
diatoms, and carbonate grains formed clumped structures of trapped material that stood out from
the webbed EPS matrix. Small precipitates (<5 µm) were recognized as white spots within the
collapsed EPS structure (Figure 36).

Figure 36. SEM micrographs of samples collected at Green Lake in September 2013 show copious amounts of
collapsed EPS structures (a). Trapped and bound grains were also recognized (b) within the fabric. Precipitation (c)
occurred within the EPS as small precipitates.
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GLS Shore Sediments: Sediment collected from the shore of the lake in September 2013
showed aggregate grains of finer carbonate minerals. These grains ranged in size from 10-500µm.
The fine carbonate minerals that make up these grains were on average <10 µm and were shaped
as rhombs, sub-rounded spherules and thick needles.

Figure 37. SEM Micrograph of carbonate sediments collected from the shore of Green Lake in September 2013.
The grains were made up of aggregates of finer (<10 µm) carbonate minerals.

GLN13: Micrographs of November 2013 samples showed collapsed filamentous EPS
structures with carbonate grains ranging in size from 10-200 µm. Larger carbonate precipitates
appeared to be aggregates of small (<5 µm) rhomboidal minerals. Collapsed strands of EPS
coated in fine carbonate grains were visible. The collapsed EPS structures were formed during
sample drying.
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Figure 38. SEM micrographs of samples collected at Green Lake in November 2013 show collapsed EPS structures
(a) containing trapped and bound grains (b). Precipitation (c) occurred as small precipitates within the EPS and
around filaments.

GLN Sediments: Sediment collected from the surface of the platform in November 2013
was made up of grains spanning to >500 µm. A closer analysis of these carbonate grains showed
that they were primarily composed of finer grains of carbonate ranging in size from <2-20 µm.
The majority of the fine carbonate grains were rhomboidal in shape. Some of the grains had
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small pits or holes in the surface. The larger grains were uneven, clumped, and pitted with an
overall sub-rounded shape.

Figure 39. SEM Micrograph of carbonate sediments collected from the platform at Green Lake in November 2013.
The sediment grains are made up of finer carbonate miners that have joined together. Some grains have small pits in
the surface suggesting boring.
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HIGHBORNE CAY: BAHAMAS
Samples from Highborne Cay, Bahamas were collected during two trips: November 1012, 2012 (HCN12) and October 17-19, 2013 (HCO13). Samples collected in November 2012 and
October 2013 were collected from Andres and Reid’s (2006) mapped site 5 (Figure 11; Figure
41). This location consisted of a platform that spanned 11 meters north to south in the intertidal
zone and extend out from the shore 8.5 meters (Figure 40).

Figure 40. An aerial sketch of the thrombolite platform at Highborne Cay. The platform is located in the intertidal
zone on the eastern side of the island. A transect of the platform completed in November 2012 and the platform was
divided into zones based on surface button size and structure: 1. Large buttons mostly buried in ooid sand; 2. Fragile,
medium sized buttons covered in eukaryotic turf; 3. Smaller buttons with little eukaryotic turf; 4. Largest buttons
and were very mineralized.

Highborne Cay Thrombolite Mesostructure
HCN12: A transect of this platform was described in November 2012 to categorize the
different thrombolite surface button structures seen within the platform (Figure 40). Type 1 and 2
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were the closest to the shore while type 4 was seaward, where the waves would break over the
platform.

Figure 41. A photograph of the site 5 platform in Highborne Cay. In this image Type 1 buttons were located on the
beach-ward side of the platform. Type 4 buttons were located on the seaward edge of the platform and were most
exposed to wave activity.

Type 1 surfaces were large (1-3 cm) button shapes, mostly buried with ooid sand that was
moderately sorted medium to fine grained (Figure 42). Approximately 5% of the surface was
covered in eukaryotic turf (e.g. Batophora – Feldmann and McKenzie, 1998). The samples had a
thin, resilient crust below the surface sediments, which allowed the sample to be structurally
stable when dissected with tweezers. The more resilient zones often projected out when samples
were broken. Under a dissecting scope vertical filaments are identified and the grains are held
together by EPS, composing the sample. At the surface of the mat filaments both green and clear
are oriented horizontally across the top crust. Beneath the mat is a more lithified structure with
voids. The walls of these voids are red and green in appearance.
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Figure 42. Mesostructure of Button Type 1, which were located on the shoreward side of the platform and were
covered in ooid sand (a). Type 1 samples displayed voids at the surface and some eukaryotic turf covering (b). These
samples had a somewhat lithified crust (arrow) deeper in the sample with trapped and bound ooid grains on top (c).
Some lithified areas contained voids with red and green walls (d).

The Type 2 surfaces made up the majority of the beach-ward side of the platform. Here,
the microbialites were very fragile and crumbly and the button size is ~1-2 cm (Figure 43). The
surface mat contained a mixture of shells, ooids grains, and some areas of hard, cemented ooids.
On average 60% of this button type was colonized by eukaryotic turf. Some buttons taken from
this area showed a radial pattern of filaments with grains being held together by gelatinous EPS.
Below the soft sediment and filament buttons there were some zones of hard, yellow crust. In
these areas the ooid grains are fused together and cannot be recognized as individual grains.
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Figure 43. Mesostructure of Button Type 2, which were located in the center of the platform. These buttons were
covered in ~60% eukaryotic turf (a). The average button size was 1-2 cm and the samples were very crumbly (b).
The buttons were made up of trapped and bound ooids, cemented ooid clots and shell fragment (c). The buttons
showed radiating filaments extending toward the surface with areas of ooid alteration (arrow) (d).

Type 3 surfaces were prevalent in the middle of the platform. This area had little
eukaryotic turf (<15%) and also very little loose ooid sediment on the surface. There were two
types of turf present: long, eukaryotic turf (Batophora) and shorter eukaryotic morphotypes. The
buttons in this area were medium sized (~1 cm). The microbialites in the middle of the platform
were much more solidified and harder to cut. Samples in other locations that were more brittle
and easy to remove contained a higher percentage of turf. Similarly to type 2 buttons, areas of
mineralization existed, often on the surface of voids deeper in the structure or just under the layer
of trapped and bound surface sediment (Figure 44).
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Figure 44. Mesostructure of button Type 3, which contain small (1 cm) buttons and little eukaryotic turf (a).
Along with Batophora, other, shorter, morphotypes of eukaryotes colonized the surface of these buttons (b). Type 3
buttons were very micritized and hard to remove from the platform. Similarly to Type 2 buttons, surface sediment
consisted of trapped and bound ooids, clumps of alter ooids, and shelf fragment (c).

The final type of surface buttons, Type 4, is found on the seaward side of the platform
and is most exposed to wave action. Here the buttons range in size from 1-3 cm. The
microbialites on the edges of the platform were much firmer and difficult to remove. Many of the
samples were mineralized throughout the microbialite sample. In the mineralized areas, ooids are
still identifiable, but individual ooids could not be isolated (Figure 45). Long eukaryotic turf
(Batophera) was largely absent compared to button types 2 and 3. However there was a higher
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percentage of short eukaryotic surface colonization, similar to that seen in button type 3.

Figure 45. Mesostructure of button Type 4, which were located on the seaward edge of the platform and were the
most exposed to wave activity. These buttons on the edges of the platform were 1-2 cm in size (a). Type 4 buttons
were often mineralized throughout the structure and difficult to remove from the platform (b). These buttons were
colonized by short eukaryotic turf and were composed of ooids, clumps of altered ooids, and shell fragments (c).

A microbialite mound adjacent to the transected platform was sawed in half showing the
surface mat to lithified bottom (Figure 46). Below the surface structure the mound showed a
clotted structure consisting of mostly mineralized carbonate with some clasts of shells and corals.
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Figure 46. A cross-section of a microbialite mound located adjacent to the platform at Site 5. This sample shows the
clotted macrostructure located deeper within the thrombolite platforms in Highborne Cay.

High-resolution Macropod and Dinoscope images of the samples showed variability
within the thrombolite structure. The structures show a 1-2 mm green surface mat with abundant
trapped and bound ooids and filamentous cyanobacteria. Within this fabric, small clumps of
ooids begin to segregate, forming relatively firm aggregates (Figure 47).
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Figure 47. Thrombolite mesostructure in Highborne Cay in October 2012. A green surface mat (1-2 mm) was
composed of horizontally-oriented filamentous cyanobacteria and eukaryotic turf (1). Trapped and bound ooids (2)
made up most of the button structure. Within the trapped and bound ooids, clumps of ooids began to form (3).

HCO13: October 2013 samples were collected from the same area as November 2012 samples
(Site 5: Andres and Reid, 2006). However, during this trip a transect of the platform was not
conducted due to similar observations as November 2012 (Figure 48).
Inspection of hand samples showed ooids loosely bound by EPS. Deeper in the structure,
clumps of ooids were removed with tweezers were slightly hard and round in shape. The size of
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these hard clumps ranged from 1-5 mm in diameter. The clumps were more yellow in color than
the white, loosely bound ooid sediments. The clumps predominantly consisted of fused ooids
with little EPS within them. In the top 1-2 mm of the mat green filaments were visible sometimes
forming two separate green horizons. The surface of the mat had a crust of tightly bound ooids,
increased EPS, and horizontally lying filaments, making it much more stable than the lower
portion of the mat. Areas with greater amounts of prokaryotic and eukaryotic growth had
stronger structural integrity than the areas of EPS bound ooid grains (Figure 49).

Figure 48. Mega-, macro-, and mesostructure images of Highborne Cay in October 2013. The platform showed
similar variability in sediment covering and eukaryotic turf colonization depending on location within the platform
(a). Similarly to November 2012, buttons were the primary structure on the surface on the thrombolitic platform (b).
Mesostructure shows radiating filaments trapping and binding ooids within the microbial mat (c).
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Figure 49. Thrombolitic mesostructure at Highborne Cay in October 2013 showed a variation in microbial mat
structure. In image A visible radiating filaments are entwined with ooids forming a trapped and bound structure.
Image B has little visible filaments, but shows evidence of altered-ooid clot and void formation. C, D, E, and F
show various structures within the microbialite fabric including 1. Trapped and bound ooids, 2. Formation of altered
ooids (clumps); 3. Void spaces; and 4. Filaments, which may be calcifying.
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Highborne Cay Thin Section Microstructure
HCN12: Thin sections were made from mat types 1, 2 and 3 (Figure 50). Type 4 mat samples
were damaged and could not be sectioned. The thin sections described below are representative
of each particular mat type and associated fabrics.

Figure 50. Thin section maps created from samples collected at Highborne Cay in November 2012. Thin sections
were made of button Type 1 (HCN 1), button Type 2 (HCN 2), button Type 3 (HCN 3), and two samples collected
from an adjacent platform (HCN Pam).

Button Type 1: Thin sections of the near-shore, sediment rich mats were primarily composed of
trapped and bound ooid grains that were approximately 100-150 µm in diameter. These ooid
grains were oval in shape, very well sorted, and brownish-grey in thin section. Entwined with the
	
  

87	
  

	
  
ooids were cyanobacterial filaments (3), which were vertically oriented and radiated outwards.
These filamentous structures were not limited to the surface of the sample and were identified
deeper within the fabric. Fine (200-300 µm), fragmented bands of deformed ooids were present
within the trapped and bound portion of the mat (2). Within these altered ooid bands, individual
ooid grains were not discernable (Figure 51).

Figure 51. Representative thin section of Button Type 1 from November 2012 in Highborne Cay. The button mat
Type 1 consisted of trapped and bound ooid grains (1), which sometimes contained voids; (2) Bands of altered ooid
grains with no discernable grain boundaries; and (3) vertically-oriented filamentous cyanobacteria.

Button Type 2: Thin section from the fragile, turf-covered mat showed little evidence of surface
turf after thin section preparation. Well-sorted, rounded ooid grains (1) made up the majority of
the fabric. Unlike type 1 mats, filaments were not present at the surface of the structure. Deeper
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within the mats was a brownish layer containing sparse biologic structures that appeared to be
radiating filamentous structures. Fragmented areas of altered ooid grains were seen as grey zones
with blurred grain boundaries (2). In this sample, altered ooid zones (pink) were found near void
edges and in the upper portion of the mat, under unaltered ooid grains.

Figure 52. Representative thin section of Button Type 2 from November 2012 in Highborne Cay. The button mat
Type 2 consisted of trapped and bound ooid grains (1), which contained voids; (2) Bands of altered ooid grains with
no discernable grain boundaries, which were often associated with void boundaries; and vertically-oriented
filamentous, which were more prominent deeper in the mat and were difficult to image due to the processing of the
sample.

Button Type 3: In a sample taken from center of the thrombolite platform, increased alteration of
ooid grains (2) was observed (compared to Type 2 buttons). In this mat type, the altered grains
formed grey and dark brown areas of indiscerable grains. These zones were located near the
surface as well as around void spaces within the structure. Rounded ooids (1) made up the
majority of the mat and appeared to be bound to the filamentous structures (3b), which extended
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towards the surface. These filamentous structures formed radial patterns within the fabric. Within
this mat type, very small, spheres of “floating” precipitates (4) were found within the porespace
of unaltered ooid grains.

Figure 53. Representative thin section of Button Type 3 from November 2012 in Highborne Cay. The
button mat Type 3 consisted of trapped and bound ooid grains (1), which contained voids; (2) Bands of altered ooid
grains with no discernable grain boundaries, and which were often associated with voids; (3) vertically-oriented
filamentous cyanobacteria; and (4) “floating” precipitates within trapped and bound ooids.

HCO13: Thin sections were prepared from seven samples collected from Highborne
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Cay in October 2013 (Figure 54). Six of the samples were thrombolitic and collected from the
intertidal zone, and in addition one stromatolitic sample was collected from the subtidal zone.
The two thin sections described below are representative of similar fabric observed in the other
thrombolitic samples.

Figure 54. Thin section maps created from samples collected at Highborne Cay in October 2013 (HCO). Thin
sections were made of six thrombolitic samples and one stromatolitic sample.

Three major elements were identified within the fabric of the samples. Round, well-
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sorted ooid grains that appeared grey-ish brown in thin section (1) comprised the majority/bulk
of the samples. Filamentous cyanobacterial structures (3) that radiated vertically towards the
surface of the sample were seen within the ooids. In most of these samples the filamentous
structures were not limited to the surface, but extend deeper into the fabric. In many samples
zones of ooid grain alteration were found/seen/observed (2). Light grey coloring and
indistinguishable boundaries between ooid grains were characteristic of these altered zones.

Figure 55. Representative thin section of a thrombolite sample collected October 2013 in Highborne Cay. The
sample was composed of trapped and bound ooid grains (1), which contained voids; and vertically-oriented
filamentous (3).
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Figure 56. Representative thin section of a thrombolite collected October 2013 in Highborne Cay. The thrombolitic
mat fabric consisted of trapped and bound ooid grains (1), which contained voids; (2) Bands of altered ooid grains
with no discernable grain boundaries, and which were often associated with the voids; and (3) vertically-oriented
filamentous cyanobacteria that contributed to the trapping and binding of ooid grains.

Highborne Cay SEM Microstructure
HCN12: Highborne Cay micrographs showed trapped ooid grains that were
approximately 150-200 µm in diameter. There was also evidence of smaller mineral precipitates
forming on and around collapsed EPS and cellular structures. In some instances, entire sheaths
were encased in carbonate. Many of the ooid grains were pitted and had holes from microboring
visible at the surface (Figure 57).
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Figure 57. SEM micrographs of samples collected at Highborne Cay in November 2012 show collapsed EPS
structures (a) containing trapped and bound ooids (b), which often showed evidence of microboring. Precipitation
(c) occurred as small precipitates within the EPS and in some instances calcified entire filaments.

HCO13: Similar to SEM images from November 2012, October 2013 micrographs
showed trapped ooid grains within a collapsed EPS matrix. The ooid grains averaged ~200 µm in
diameter. Many of these ooid grains had pits and holes visible at the surface. In some instances,
the surface was very pitted and filaments appeared to protrude from the pits. Mineral precipitates
were observed on the surface of the collapsed EPS structure. Some portions of EPS were encased
entirely in carbonate (Figure 58).
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Figure 58. SEM micrographs of samples collected at Highborne Cay in October 2013 show collapsed EPS
structures (a) containing trapped and bound ooids (b), which often showed evidence of microboring. The grain
above, shows extensive microboring with filaments exuding from the bored ooid. Precipitation (c) occurred as small
precipitates within the EPS and in some instances calcified entire filaments

PHYSICOCHEMICAL ANALYSIS
Temperature, salinity, water depth, pH, alkalinity and major ion composition play an
important role in calculating the saturation index (SI) and understanding the likelihood of
precipitation to occur within the microbial mat structure. Alkalinity measurements are reported
in Table 4. A summary of the major physicochemical parameters is presented in Table 5. Major
ion composition for Green Lake and Highborne Cay is presented in Tables 6 and 7.
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Green Lake, New York
Water data from Green Lake showed seasonal variation in alkalinity, pH, temperature,
and water depth. Major anion concentrations and conductivity remained relatively similar
throughout the year with an average annual salinity of 4 psu. The alkalinity and temperature of
the water appear to be inversely related (Figure 59) with higher alkalinity levels in the late winter
(239.9 mg/L HCO3-) and early spring (236.53 mg/L HCO3-) when the temperatures are 10.1 ºC
and 11.1ºC respectively. The lowest alkalinity measured was 183.78 mg/L HCO3- during
September 2013, when the water temperature was at a peak of 23.1ºC. Degassing of CO2 due to
an increase in temperature would decrease the water alkalinity. Cooler water has a higher pCO2,
allowing for increased alkalinity during cooler months. Saturation indices show supersaturation
with respect to calcite was present throughout the year, with the highest SI in October 2012
(1.23) and the lowest in September 2013 (0.72).
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Figure 59. Seasonal variation in Green Lake was apparent with changes in alkalinity and temperature , which tend
to be inversely related. Degassing of CO2 due to an increase in temperature would decrease the water alkalinity.
Cooler water has a higher pCO2, allowing for increased alkalinity during cooler months.
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Highborne Cay, Bahamas
Physicochemical properties of Highborne Cay water were relatively constant between
November 2012 and October 2013 (Table 5). The average salinity at Highborne Cay was 35 psu.
During November 2012 and October 2013 the alkalinity levels were 136.23 mg/L HCO3- and
137.7 mg/L HCO3- , respectively. Alkalinity values for March 2014 were lower at 115.15 mg/L
HCO3-. Other physicochemical data from March 2014 were not .

Table 4: Alkalinity Calculations from Green Lake and Highborne Cay
Site Location
and Date

Green Lake
October 2012
Green Lake
May 2013
Green Lake
September 2013
Green Lake
November 2013
Green Lake
April 2014
Highborne Cay
November 2012
Highborne Cay
October 2013
Highborne Cay
March 2014

	
  

Number of
Samples

Standard
Deviation

Average
Carbonate Alkalinity
(mg/L HCO3-)

4

12.62

186.73

4

17.04

228.98

4

8.98

183.78

3

17.95

239.9

3

3.13

236.53

4

8.35

136.23

2

10.89

137.7

2

1.63

115.15
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Table 5: Physicochemical Parameters at Green Lake and Highborne Cay
Site Location
and Date

Average
Water
Depth
(cm)

Temperature
(ºC)

Conductivity
(psu)

pH

Average
Alkalinity
(mg/L HCO3-)

Saturation
Index

Green Lake
October 2012

5-10

17.6

3

8.20

186.73

Calcite: 1.23
Aragonite: 1.08

Green Lake
May 2013

25-30

13.0

4.5

7.74

228.98

Calcite: 0.84
Aragonite: 0.68

Green Lake
September
2013

25-30

23.1

4

7.62

183.78

Calcite: 0.72
Aragonite: 0.57

Green Lake
November 2013

5-10

10.1

4

7.82

239.90

Calcite: 0.92
Aragonite: 0.77

Green Lake
April 2014

20-25

11.1

4

7.91

236.53

Calcite: 0.96
Aragonite: 0.81

tidal

24.3

38

8.20

136.23

n/a

tidal

28.7

39

8.28

137.70

n/a

tidal

n/a

38

n/a

115.15

n/a

Highborne Cay
November 2012
Highborne Cay
October 2013
Highborne Cay
March 2014

Major Anion and Cation Composition
Table 6: Anion Data from Green Lake and Highborne Cay

98	
   	
  

Site

Fluoride
(ppm)

Chloride
(ppm)

Nitrite
(ppm)

Bromide
(ppm)

Nitrate
(ppm)

Phosphate
(ppm)

Sulfate
(ppm)

GLO
GLM
GLS
GLN
GLA

0.77
1.75
1.25
1.02
-

62.57
54.15
53.80
45.65
43.10

10.60
7.37
7.66
3.34
-

-

2.82
2.76
2.40
2.36
3.32

3.33
3.57
5.05
3.53
2.58

995.85
966.08
929.99
827.98
914.58

HCO
HCN
HCM

20.13
26.19
21.94

26509.12
26966.04
24976.19

-

-

-

145.06
132.18
223.36

3611.09
3741.70
3564.95

	
  
Table 7: Cation Data from Green Lake and Highborne Cay
Site

Lithium
(ppm)

Sodium
(ppm)

Ammonium
(ppm)

Potassium
(ppm)

Magnesium
(ppm)

Calcium
(ppm)

GLO

2.05

23.36

-

49.92

n/a

378.06

GLM

1.20

29.11

-

23.72

n/a

392.23

GLS

-

21.88

-

46.01

n/a

357.09

GLN

-

23.89

-

39.84

n/a

399.91

GLA

-

23.41

-

41.64

n/a

358.69

HCO

-

21777.06

-

2326.29

n/a

-

HCN

-

20878.56

-

3645.36

n/a

869.46

HCM

-

19816.18

-

-

n/a

-

	
  
FORCED PRECIPITATION EXPERIMENT
SEM Analysis
Micrographs showed an increase in the mineral precipitates of cyanobacterial
enrichments when exposed to the atmosphere from 0 hours to 96 hours with the greatest change
between t = 0 hours and t = 4 hours. Both filamentous and coccoid cyanobacteria were present.
EPS had collapsed during the drying process and can be seen as wrinkles, sheets, and spheres.
The precipitates form shapes ranging from spheres, to rhombs, to dumbbells.

0 Hours
At t = 0 hours, both filamentous cyanobacteria and coccoid cyanobacteria were observed,
but no identifiable carbonate minerals were present (Figure 61). The wrinkled texture on the
surface of the cyanobacterial sheath is most likely due to collapsed EPS at the cell surfaces. EDX
element mapping showed elements representative of organic matter (oxygen, carbon, nitrogen;
Figure 60). The other element maps are not well defined and may represent major elements in
the site water. Peaks in silica may be linked to diatoms that are commonly found in Green Lake
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and may have been in (part of) the sample. These images are representative of the other t = 0
hour observations, which also show both filamentous and coccoid cyanobacteria, but no
recognizable precipitation.

B	
  
A	
  

Figure 60. EDX element map and micrograph at t=0 hours showing filamentous (A) and coccoid (B) bacteria.
Element mapping showed elements consistent with organic matter (oxygen, carbon, nitrogen), but no evidence of
precipitation.

Figure 61. SEM micrographs at t=0 hours show little to no mineral precipitation and the samples primarily consist
of filamentous (A) and coccoid (B) cyanobacteria.

4 Hours
After four hours, a marked increase in mineral precipitates was observed (Figure 63)
shows the formation of a calcium carbonate crystal associated with a group of filamentous
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cyanobacteria. The remainder of the image appears to represent organic material and bacterial
cells. The EDX element mapping shows a concentration of calcium where the crystal is growing,
supporting the idea that calcium carbonate is being precipitated within the microbial mats in
Green Lake. Other images taken of t = 4 hours samples show rhomboidal minerals with a rough
outer surface. In some cases the rhombs appear to be filled with bacteria, suggesting that the
carbonate mineral is forming in association with a cluster of cells.

Figure 62. EDX element map and micrograph at t=4 hours showing filamentous (A) and coccoid (B) bacteria as
well as calcium carbonate crystals (C). Element mapping shows a concentration in calcium where the mineral is
growing.

Figure 63. SEM micrographs at t=4 hours show rhomboidal mineral precipitation (1). Some images show clusters of
cells starting to clump together (2), suggesting the carbonate is forming in association with clusters of cells.
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24 Hours
After 24 hours, mineral precipitates were abundant. Dumbbell and branching rhomboidal
shapes were starting to form (Figure 65). As at t = 24hr, there was evidence of both nonmineralized organic matter and mineralized grains that appear to either encase groups of
cyanobacteria or, less likely the cyanobacteria are boring into the grains after they formed. In
some images, part of the mineral grain is not mineralized, while the other portion is mineralized
(Figure 64).

A	
  

B	
  

Figure 64. EDX element map and micrograph at t=24 hours showing portions of the mineral grain that were not
mineralized and contained cells (A) while other portions of the grain were mineralized (B).

Figure 65. SEM micrographs at t=24 hours show rhomboidal and dumbbell mineral precipitation. Further evidence
of groups of cells becoming encased in carbonate was apparent.
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48 Hours
Mineral precipitates formed after 48 hours were much larger and had better-defined
shapes. The minerals were high in calcium (and contained C and O), indicating that calcium
carbonate was precipitating (Figure 66). As seen in the micrograph as well as the EDX map,
areas of organic bacterial cells were located in pockets at the surface of the mineral. Both
coccoid and filamentous cyanobacteria appeared to play a role in mineral production (Figure 67).

Figure 66. EDX element map and micrograph at t=48 hours showing evidence of larger calcium carbonate
precipitates, which sometimes showed evidence of boring through pockets in the surface of the mineral grain
containing organic bacterial cells.

Figure 67. SEM micrographs at t=48 hours showed increased precipitation of rhomboidal and dumbbell carbonate
grains. As seen in the center and right image, both coccoid and filamentous cyanobacteria became encased in
carbonate precipitation.
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72 Hours
Images taken after 72 hours show more evidence that groups of cells may be calcifying.
Images showed groups of filamentous cyanobacteria becoming encased in carbonate (Figure 68).
The EDX images indicated that those filaments were not calcified (i.e., still mostly carbon and
oxygen), while the more calcified surface area was high in calcium and oxygen (Figure 68).
Other images showed large cell aggregates that became calcified at the surface (Figure 69).

A	
  

Figure 68. EDX element map and micrograph at t=72 hours showing evidence of larger calcium carbonate that
formed around clusters of non-calcified filamentous bacterial cells.

Figure 69. SEM micrographs at t=72 hours showed further evidence of aggregates of cells which became encased in
carbonate precipitation (starting at the surface).
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96 Hours
Micrographs after 96 hours showed increased calcification and completely calcified
minerals structures (i.e. dumbbells and spheres). The EDX image below shows a microcolony of
bacteria (A) almost fully encased in calcium carbonate (B; Figure 70). A detailed element map of
one of the pitted surfaces (see insert) showed organic material within the CaCO3 precipitate.
Other images (Figure 71) displayed formation of CaCO3 minerals at various states of cell
calcification including half organic, half mineralized dumbbells, fully calcified grains (see
below), and un-mineralized clumps of cells.

B	
  
A	
  

Figure 70. EDX element map and micrograph at t=96 hours showed a microcolony of coccoid bacteria (A)
becoming encased in carbonate (B). An element map of a pitted surface (insert) showed organic material within the
carbonate precipitate, providing evidence of boring.

Figure 71. SEM micrographs at t=96 hours showed precipitation around groups of cells (both coccoid and
filamentous) at different stages of entombment.
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Chemical Analysis
The total alkalinity and major ion composition of the medium in which the experiment
was carried out changed with time: a decrease in bicarbonate concentration from t = 0 hr to t =
72 hours and an increase in alkalinity between t = 72 and t = 96 hours was observed. In appears
as though the alkalinity is beginning to level off after t = 72 hr (with some fluctuation). A site
water control (no organisms) experiment was run to determine the background change in
alkalinity over time (e.g., due to CO2 exchange) also showed a decrease in alkalinity from 172.2
mg/L HCO3- at t = 0 hours to 95.2 mg/L HCO3- at t = 120 hours. Although there was a decrease
in alkalinity in the site water control experiment (-77 mg/L HCO3-), the decrease was not as
severe as the precipitation experiment (-122.6 mg/L HCO3-) showing that the precipitation of
minerals over time impacted the alkalinity (Figure 72; Table 8).

Changes in Water Alkalinity Over Time:
Precipitation vs. Control Experiment
200

Alkalinity (mg/L HCO3-)

180
160
140
120
100

Precipitation Water

80

Precipitation

60

Water Control

40
20
0
0

20

40

60

80

100

120

140

Time (hours)
Figure 72. Water alkalinity comparison from forced precipitation experiments. The precipitation alkalinities
measured change in alkalinity from t=0 hr to t=96 hr during forced precipitation. Precipitation water measured the
change in alkalinity from non-inoculated site water at t=0hr and non-inoculated site water at t=96 hours. The water
control experiment measured alkalinity change from t=0hr to t=120 in non-inoculated site water.

106	
  	
  

	
  
Table 8: Alkalinity of Water in Forced Precipitation Experiment
Time
(hours)

Precipitation Experiment
Alkalinity (mg/L HCO3 )

Water Control
Alkalinity (mg/L HCO3 )

Water Control Experiment
Alkalinity (mg/L HCO3 )

0
4
24
48
72
96
120

174.7
120.3
86.4
54.1
40.1
52.1
-

174.7
82.5
-

172.2
154.7
120.3
113.7
93.2
96.8
95.2

Anion and cation concentrations in the forced precipitation experiment water showed not
only a decrease in alkalinity over time, but also a decrease in calcium (Table 9). Between t = 0
hrs and t = 96 hrs calcium levels decreased from 357.09 ppm to 281.32 ppm ( -75.77 ppm), while
the site water control only decreased to 352.09 (-5 ppm). With the production of calcium
carbonate minerals, it was expected that calcium levels would drop over time.
Table 9: Major Anion and Cation Concentrations for Forced Precipitation Experiment

	
  

Time
(hours)

Fluoride
(ppm)

Chloride
(ppm)

Nitrite
(ppm)

Nitrate
(ppm)

Phosphate
(ppm)

Sulfate
(ppm)

0
4
24
48
72
96
96 H2O

1.25
3.02
2.79
3.19
0.78
3.08
0.56

53.80
278.09
275.79
286.39
301.34
655.27
63.95

7.66
2.21
2.67
6.43
11.72
0.87
10.45

2.40
77.23
73.41
49.90
52.48
153.20
2.86

5.05
8.55
6.59
7.76
6.45
3.41
8.37

929.99
1014.72
1030.80
1052.50
1118.16
1284.60
1079.60

Time
(hours)

Lithium
(ppm)

Sodium
(ppm)

Ammonium
(ppm)

Potassium
(ppm)

Magnesium
(ppm)

Calcium
(ppm)

0
4
24
48
72
96
96 H2O

0.88
0.64
0.44

21.88
90.88
91.34
92.36
89.56
183.41
35.69

-

46.01
152.13
140.46
150.50
134.85
325.43
75.209

n/a
n/a
n/a
n/a
n/a
n/a
n/a

357.09
325.79
321.71
304.60
299.43
281.32
352.09
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DISCUSSION

A thorough analysis of the thrombolitic fabric of two differing extant thromboliteforming environments aids in understanding the factors that affect microbialite formation in
Green Lake, New York and Highborne Cay, Bahamas. This research is unique in comparing the
major differences between these sites with regards to the thrombolitic fabric and
physicochemical conditions. In doing so it is possible to recognize the influence that each
environment has on the formation of a thrombolite fabric and begin to understand the other
factors (i.e. microbial metabolism) that could influence clotted-fabric formation

THROMBOLITE FORMATION
In order to understand the processes of thrombolite formation in Green Lake and
Highborne Cay, it is important to recognize similarities and differences seen in previously
proposed models for thrombolite formation (Figure 73). Most research has attributed the
formation of a clotted fabric to either (1) eukaryotic activity (Walter and Heys, 1985; Feldmann
and McKenzie, 1998; Planavsky and Ginsburg., 2009; Bernhard et al., 2013) or (2) microbial
activity (Kennard and James, 1986; Thompson et al., 1990; Myshrall et al., 2010).
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Figure 73. Proposed models of thrombolite formation in the literature and how these models relate to our findings in
the microbialites at Green Lake, New York and Highborne Cay.

Clotted Fabric a Result of Eukaryotic Activity
It has been proposed that a clotted, thrombolitic fabric is the result of disruption and
reworking of a laminated, stromatolitic fabric. This lamination disruption would be caused by
secondary colonization and burrowing by metazoa and protists. This physical disruption of the
fabric through burrowing or algal surface colonization could result in patches of dissolution and
precipitation due to the presence of foraminifera (Bernhard et al., 2013), calcareous algae
(Feldmann and McKenzie, 1998), or through secondary micritization of the disrupted surface
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(Planavsky and Ginsburg, 2009). Metazoa (i.e. agglutinating foraminifera) can sometimes play a
role in the formation of grain aggregates (Planavsky and Ginsburg, 2009). It has also been
proposed that changes in water level would alter the environment of the microbial mat, allowing
for increased eukaryotic colonization (Feldmann and McKenzie, 1998).
In Highborne Cay we found substantial eukaryotic colonization of Batophora on the
surface of the platform. Samples collected from areas of the platform with increased algal
colonization were often less cohesive and more fragile. Along with Batophora and other algal
colonization, metazoa (i.e. worms) were present within the samples. Although we see the
production of micritic clots and carbonate precipitation at grain boundaries (as recognized by
Feldmann and McKenzie, 1998), it is not evident that these structures are a result of eukaryotic
activity. The hypothesis that formation of a clotted fabric from a laminated fabric is a result of a
major environmental change (i.e. sea level rise; Feldmann and McKenzie, 1998), resulting in
increased eukaryotic colonization are not applicable in Highborne Cay as stromatolites are found
in the subtidal zone (deeper), while the thrombolites are forming in the intertidal zone
(shallower).
In Green Lake, there is no evidence of eukaryotic colonization or alteration of the surface
mat by eukaryotic bioturbation. It is, however, evident that water level within Green Lake does
play a role in microbial mat development, but more so with respect to physical weathering
processes than to eukaryotic colonization as identified by Feldmann and McKenzie (1998).

Clotted Fabric a Result of Microbial Activity
Other research has suggested that the formation of a thrombolitic fabric is a result of
calcification of, and precipitation within a microbial mat as a result of a microbial activity. The
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formation of calcified clots may be the result of in situ calcification of carbonate crystals within
the EPS by coccoid-dominant microbial communities (Kennard and James, 1986; Thompson et
al., 1990). This calcification may be an adaptive result in response to increased grazing and
burrowing pressures by metazoa (Kennard and James, 1986). The calcification by groups of
coccoid cyanobacteria would result in the formation of individual clotted structures. It has also
been hypothesized that filamentous cyanobacteria that dominate microbial mat form the template
for mesoclot framework (Planavsky et al., 2009; Burne et al., 2014). In Lake Clifton
thrombolites are composed of aragonite mesoclots thought to form due to microenivronmental
changes, which results in precipitation of dense clusters of aragonite crystals around the
filaments (Moore and Burne, 1994). Mineralized aggregates of cyanobacterial filaments of could
also form an irregular framework of mesoclot-like structures, between which unconsolidated
sediments accumulate (Burne and Moore, 1987). In Highborne Cay calcified filaments of
Dichothrix have been attributed to the formation of a clotted fabric through photosyntheticallyinduced precipitation within the filamentous cyanobacterial sheath (Myshrall et al., 2010). The
filaments are then degraded and reprecipitation of the carbonate occurs (Planavsky et al., 2009)
Both coccoid and filamentous cyanobacteria were found in Green Lake (Figure 60).
Forced precipitation experiments conducted on enrichments from Green Lake showed that
groups of both coccoid and filamentous cyanobacteria became entombed in carbonate (Figure
67). CaCO3 precipitated in the water column during whiting events (Schultz-Lam et al., 1996)
was trapped and bound by the microbial mat community (Figures 21, 30). Further precipitation
within the EPS of the microbial mat was observed in SEM (Figures 34, 35, 36).
In Highborne Cay, calcified filaments were seen (Figure 58), often forming a radial
pattern within the button structures (Figure 54). Within the buttons, zones of altered ooids and

	
  

111	
  

	
  
carbonate precipitates created more resistant clots within the fabric (Figure 47). In some areas,
pockets of fine precipitates were visible in thin section (Figure 53) .
Environmental conditions play an important role in the structure of a microbial mat and
the eventual formation of a thrombolite (Figure 74). The type of environment can affect the types
of microbes present, rate and types of metabolism, and ultimately the likelihood of mineral
precipitation and possible microbialite production (Dupraz et al., 2009).
Although a thrombolitic fabric was recognized in both Highborne Cay and Green Lake,
major differences in physicochemical conditions (i.e., salinity, temperature, wave energy, etc.),
microbial community, and microstructure exist between the two locations (Figure 74). Green
Lake, a hard water lake with an average salinity of 4 psu and super saturated with respect to
calcite throughout the year showed seasonal variation in water level, alkalinity, temperature, and
sediment supply. The main source of sediment was the annual whiting event, which occurred
within the water column and provided carbonate sediment to the surface of the platform. Green
Lake experiences little to no wave energy, but is potentially impacted by ice accumulation during
the winter months. Highborne Cay, an intertidal environment showed little variation in
temperature, alkalinity and light levels throughout the year. The main source of sediment for
Highborne Cay is ooid sand, which is transported by wave activity and storm events.
Thrombolites in Highborne Cay are impacted by eukaryotic activity, sediment load variability
due to storm events, and exposure due to daily tidal cycles in water level. These differences
ultimately affect the formation thrombolitic fabric at each location, which are described using
our ecological models (Figure 75 and 76, see below).
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Figure 74. Impact of environmental conditions (light, temperature, water level, etc.) on the microbial community
and microbialite formation and thrombolitic fabric in Green Lake, NY and Highborne Cay, Bahamas.
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ECOLOGICAL MODEL FOR GREEN LAKE
Green Lake is a hard water environment in northern New York, experiencing seasonal
variation in water depth, temperature, and alkalinity. The water in Green Lake is enriched with
respect to calcium and sulfate compared to other lacustrine environments, and as a result, has
saturation indices that favor carbonate precipitation throughout the year. This precipitation plays
a role within the water column (seasonal whiting events) as well as in microbialite formation
(Figure 75).

Figure 75. An ecological model of thrombolite formation in Green Lake. During the spring, whiting events provide
to help (along with precipitation) build the mat throughout the growing season (spring to fall). Changes in
temperature and light supply impact the lithification potential in the mat, influencing the preservation of the fabric.
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From the spring (after ice melt) through the fall, thrombolite samples from Green Lake
show the development of a microbial mat at the surface of a clotted, lithified, carbonate structure.
This resulting microbial mat is often < 2 cm thick and is composed of vertically-oriented
filamentous cyanobacteria and trapped and bound carbonate sediment (Thompson et al., 1990;
Myshrall, 2012). Our research found that the thickness of the mat varies seasonally with the
thinnest mat present following the spring ice melt, continuing to grow throughout the summer,
and resulting in a thicker existing in the fall.
An increase in temperature and light intensity in the spring results in an increase in
coccoid cyanobacteria populations within the water column. This cyanobacterial bloom of
Synechococcus cyanobacteria, creates so-called “whiting events” due to carbonate precipitation
related to microbial metabolism (Thompson et al., 1990; Thompson et al., 1997). Synechococcus
performs photosynthesis, using HCO3- as the primary source of inorganic carbon. This process,
which results in the formation of CO2 and OH- (Eq. 5), creates a highly alkaline
microenvironment around the Synechococcus cells (0.5 µm) This microenvironment allows
calcium, bound to the negatively charged organic material (cell wall), initiates calcium carbonate
precipitation (Thompson et al., 1990; Schultz-Lam et al., 1996; Thompson et al., 1997; Myshrall,
2012). The initial microcrystals formed act as nuclei for the continued growth of carbonate
crystals within the calcite-saturated lake water (Thompson et al., 1990). While the cells are still
growing they are able to release their mineral burden by shedding the encrusted layer and
replacing it with new material (Thompson and Ferris, 1990; Schultz-Lam et al., 1996). In forced
precipitation experiments, we see evidence of groups of cells becoming encased in carbonate, but
no evidence of individual cells shedding their carbonate shells. As the cells die, they may form
clumps of calcite-entombed cells (Thompson and Ferris, 1990).
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These whiting events, which occur between May and August, are responsible for most of
the fine-grained (<5 µm) carbonate sediment within the lake (Brunskill, 1969; Thompson et al.,
1997). This sediment accumulated on the surface of the platform, and is eventually trapped and
bound by the microbial community, leading to the formation of a microbialite. In our samples
some of this fine carbonate sediment accumulates in the voids of the lithified clots (Figures 21,
28, 29).
As the mat grows during the spring and summer, filamentous cyanobacteria orient
themselves vertically within the surface sediment, producing EPS and effectively trapping and
binding the carbonate grains. In situ precipitation occurs through calcification of filaments,
precipitation within the EPS, and cementation of the trapped and bound sediment. Precipitation
and dissolution deeper in the mat rework the trapped and bound carbonate sediment. Myshrall
(2012) found that the amount of EPS produced by bacteria in Green Lake is much thinner than in
Bahamian specimen, likely due to lower temperature and light intensities.
The clotted fabric is a result of in situ growth of calcite crystals within the EPS.
Thompson et al. (1990) believed that the filamentous cyanobacteria in the stromatolitic surface
were important in the trapping and binding of sediment, while the in situ calcification occurred
due to coccoid cyanobacterial Synechococcus activity. This research suggests that both
filamentous cyanobacteria and coccoid cyanobacteria play a role in the formation of a clotted
microbialite. Clusters of both coccoid and filamentous cyanobacteria became entombed in
carbonate during forced precipitation experiments, and precipitation of carbonate minerals
occurred within the EPS of filaments.
During the fall, as sunlight decreases and temperatures drop, the filamentous
cyanobacteria orient themselves horizontally due to decreased metabolic activity and to collect
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the maximum amount of sunlight (as was proposed for the microbial mats in Storrs Lake by
Dupraz et al., 2013). This creates a denser microbial community at the surface of the mat, which,
as precipitation continues, produces a micritic crust at the surface of the mat.
During the winter, ice covers the surface of the microbialite platform at Green Lake,
killing, or slowing the growth of the microbes (Myshrall, 2012). During this time, an unknown
reworking of the surface mat occurs. It is possible that the mat is physically destroyed due to ice
formation. The water level over the platform in late fall is ~10 cm and the ice would likely freeze
the top of the platform. This could result in the shearing of the non-lithified mat from the
mineralized substrate or the compaction of the mat, leading to lithification. Periods of low
temperatures could increase the amount of dissolved CO2 in the water, resulting in dissolution of
the carbonate minerals bound and precipitated within the mat, and an overall increase in water
alkalinity. Dissolution and reprecipitation within the microbial mat could result in mineralization
and addition to the clotted, lithified structure. Differences in surface mat thickness and
lithification seen following the spring ice melt may be a result of water level, ice thickness,
temperature, or simply site-specific conditions of sample collection location.
It is likely that the platform is no longer vertically accumulating a clotted fabric, and
instead the thrombolitic platform is growing outwards into the lake. Water level and ice cover
appear to limit the vertical growth of the platform. Carbonate sediment on the shore of the lake,
could represent a period of higher lake levels and this sediment is likely the result of
accumulated past whiting events (Thompson et al., 1990). Portions of the platform that are
subaerially exposed undergo mechanical and chemical weathering, which can alter the preexisting fabric into a well-lithified crust through precipitation and dissolution (Thompson et al.,
1990). Lamination within the calcified substrate of Green Lake samples is likely evidence of past
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microbial mats that formed during periods of vertical accumulation of the platform. Dissolution
and precipitation that occurs within the mat throughout the year has, over time, altered the
surface microbial mat into the lithified carbonate substrate below. Although the platform may no
longer be vertically accumulating due to the limitation of the water level, the mat is likely
growing outward into the lake. In 1990, Thompson et al. recorded the platform extending ~7 m
out into the lake. In October 2012, the platform was measured to be extending more than 11 m
into the lake. The processes and fabrics identified are important in understanding the formation
of the clotted fabric within Green Lake and the seasonal variability in microbialite structure.

ECOLOGICAL MODEL FOR HIGHBORNE CAY
The thrombolites in Highborne Cay, Bahamas are found in an intertidal environment that
has the potential for ooid sand burial during storm events and is also influenced by exposure
during daily tidal cycles. Although seasonal data is not available for this location, similarities in
water chemistry and thrombolite fabric can be recognized between years. Ooid sand is the major
sediment component and plays a role in the formation of the microbialite structures. Burial and
exposure of the microbialites due to changes in the hydrodynamic regime play a role in the
formation and preservation of the microbial mat (Figure 76).
Thrombolite samples from Highborne Cay were primarily composed of EPS-bound ooid
grains and radiating filaments (Figure 49). Within the mat structure, alteration of grains and
precipitation, created zones of lithified carbonate. Closer examination of the microbialite fabric
in Highborne Cay shows variability on spatial scales with larger “buttons” containing more
alteration on the seaward edge of the platform.
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The portions of the platform that were exposed to increased wave energy (i.e. the seaward
edge of the platform; Figure 40) had relatively larger buttons that exhibited greater alteration and
less eukaryotic turf. These “button” mats, identified by Myshrall et al., 2010, are small domal
structures that show a pronounced community of vertically oriented filaments of the
cyanobacteria Dichothrix.
The surfaces of the buttons were green in color, had horizontally oriented filaments, and
often contained a micritic crust. For most button types the surface was colonized with eukaryotic
turf (i.e. Batophora). However, turf was absent in type 1 buttons, which were somewhat buried
in loose ooid sediment. At the surface of the mat, trapped and bound of grains within the EPS of
vertically oriented filaments formed the main fabric. However, within this trapped and bound
ooid structure, alteration and precipitation were altering the microbialite fabric.
Unlike samples from Green Lake, the calcification of clusters of cyanobacterial cells was
not recognized in Highborne Cay samples. Instead individual filaments were becoming calcified.
Dichothix filaments have been known to exhibit calcification within the surrounding EPS
(Myshrall et al., 2010). Calcification begins within the cyanobacterial sheath and is driven by
photosynthetic activity (Planavsky et al., 2009; Myshrall, 2012). The uptake of CO2 during
photosynthesis results in an increase in localized alkalinity (Eq. 5), allowing for the carbonate to
precipitate. Deeper in the mat the calcified filaments are degraded through localized carbonate
dissolution and reprecipitation (Planavsky et al., 2009) creating areas of resistant, mineralized
fabric. Also within the Highborne Cay thrombolites, small clusters of altered, fused ooids formed
lithified clumps (Figure 47). Surrounding these clumps were loosely bound ooids and voids,
where ooid grains had washed away (Figure 49). These clumps were characterized by relatively
little EPS and indistinct ooid grain boundaries. In Bahamian stromatolites coccoid endolithic
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cyanobacteria have been found to colonize during a hiatus in stromatolite growth associated with
low sedimentation (Macintyre et al., 2000). These endolithic cyanobacteria bore into the ooid
grains producing micritized horizons of welded grains. Grain welding occurs when boreholes
cross from one grain to another because as the boreholes are in-filled as the endoliths move
through them (Reid et al., 2000; Macintyre et al., 2000). In this study, SEM imaging shows
evidence of microboring of the ooid grains is prominent in Highborne Cay thrombolite samples
(Figure 58).
Localized areas of floating precipitates form within the EPS likely due to anaerobic
metabolic processes deeper within the mat. Sulfate reducing bacteria (SRB), which are anaerobic
heterotrophs, can promote carbonate precipitation (Eq. 7). This precipitation occurs around the
cells through the production of EPS, which binds calcium, and through the metabolic
consumption of sulfate, which is a potential inhibitor of carbonate precipitation (Gallagher et al.,
2012).
The precipitation of carbonate is reliant on the initial supersaturation of the
macroenvironment with regard to carbonate and the shift in the carbonate equilibrium to allow
for carbonate to precipitate and the process of seed crystal formation.
Variation within thrombolite structure in Highborne Cay appears to be associated with
sediment supply. During periods of accretion or burial (as seen in mat 1), trapping and binding of
ooid grains by vertically oriented cyanobacteria occurs. This process may take place during
periods of increased sediment supply. Because the filaments are vertically oriented and relatively
separated, precipitation is relatively low (as seen in Storrs Lake by Dupraz et al., 2013).
During periods of low sediment supply or exposure at the surface, the cyanobacteria
become horizontally oriented across the surface of the mat. This forms a denser microbial
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community at the surface and allows for precipitation to occur within the EPS, creating a micritic
crust (Dupraz et al., 2013). The samples in Highborne Cay showed colonization of this surface
by eukaryotic organisms including Batophora, which has the potential to disrupt the fabric of the
microbial mat.

Figure 76. An ecological model of thrombolite formation in Highborne Cay. Changes in sediment supply impact
mat accretion, degree of mineral precipitation and location of that precipitation, as well as eukaryotic colonization.
Changes in sediment supply and exposure can impact the lithification potential in the mat, ultimately influencing the
creation and preservation of the thrombolitic fabric.

Changes in environmental conditions such as water level, exposure, burial, and wave
energy can alter the dominant microbial communities and impact the creation of the thrombolitic

	
  

121	
  

	
  
structure in Highborne Cay. Microbial community composition and EPS production can be
impacted by the tidal exposure of the platform. The thrombolites are located primarily in the
intertidal zone, which means the mats experience higher levels of sunlight and atmospheric
exposure than the adjacent, subtidal stromatolites (Myshrall et al., 2010). This results in different
microbial communities between the two environments. Within the thrombolite platform,
different microbial communities could exist within a relatively small area due to differences in
wave, light, or atmosphere exposure. As mentioned previously, EPS have been shown to protect
against radiation and oxidative stress (Decho, 2000). Depending on the microorganisms, the EPS
produced could react differently when exposed during tidal fluctuations. EPS composition,
which varies with microbial populations, is known to have a strong influence on the type and
extent of microbial calcification (Dupraz et al., 2009). Variation in EPS properties, e.g. cation
binding capacity, acidity and degree of exposure/degradation could lead to zones of precipitation
and dissolution within the platform.
Microbial mats are dynamic ecosystems that support diverse species with a range of
metabolic processes occurring in close proximity. This metabolic amalgamation creates
microenvironments within the thrombolite structure that can produce pockets of net precipitation
or net dissolution depending on the dominant metabolic process of the microenvironment
(Visscher and Stolz, 2005).
The stromatolites in Highborne Cay consist of three mat types, which represent changes
in microbial community structure and activity in response to intermittent sedimentation (Reid et
al., 2000). The thrombolites are also impacted by the rate of sedimentation, but are highly
influenced by pockets of ooid alteration, ooid cementation, and precipitation.
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It is evident that the differences in precipitation type and locations within thrombolites
(e.g. floating precipitates, ooid cementation) in Highborne Cay is a result of differing microbial
communities and their respective metabolisms. The microbial community structure is dictated by
the environmental conditions and the microorganisms’ ability to endure changes in light,
temperature and water level during tidal exposure (Figure 74). The metabolic processes of these
microbes then alter the potential for carbonate dissolution or precipitation, ultimately impacting
the formation of a thrombolite. Changes in environmental conditions (e.g. sea level rise,
increased sedimentation) may result in a different microbial community structure and thus a
different microbialite fabric, which could be important in the interpretation of the fossil record
(Myshrall et al., 2010; Mobberley et al., 2011).
More research is required to understand the interaction between eukaryotes, particularly
foraminifera, and microbial mats in Highborne Cay (Bernard et al., 2013; Edgcomb et al., 2013).
Although eukaryotes were observed on the surface of thrombolite samples, it appeared to play a
minor role in forming areas of precipitation and voids. The formation of these initial
mineralization features within the buttons is likely the result of different prokaryotic metabolic
processes.

THROMBOLITES AS MODERN ANALOGUES
Thrombolites represent important evidence for the evolution of life (Kennard and Tames,
1986) and extant thrombolites have the potential to provide analogs to better understand ancient
ecosystems when structures were more common than today (Wilhelm and Hewsen, 2012).
However, the details of initial clot formation as recognized in these modern thrombolite-forming
environments are often lost during diagenesis and thus are rarely preserved in the fossil record
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(Myshrall, 2012). Although features found in the fabric of extant microbialites cannot be viewed
as direct analogues of the past, modern thrombolite-forming environments could provide insight
into processes that may have played a role in the initial formation of the fabric in the past.
Understanding processes in modern environments could aid in the interpretation of ancient
thrombolites.
It is difficult to use the button formation and alteration at Highborne Cay as an analogue
for fossilized thrombolites because modern samples are not lithified, clotted structures, but
instead are microbial mats that exhibit initial mineralization, precipitation, and sediment binding
capabilities. These structures cannot be definitively linked to distinct clots that are the dominant
mesostructure seen in many Phanerozoic thrombolites due to diagenesis (Planavsky and
Ginsburg, 2009). However, these modern structures offer insight into the initial processes that
occur within an open marine microbialite system and thus it may be possible that similar
processes occurred in the formation of ancient marine thrombolites (Planavsky and Ginsburg,
2009). Early diagenetic processes (i.e. dissolution and reprecipitation of CaCO3) can have a
strong control on the microbialite fabric (Planavsky et al., 2009) and diagenesis of the
microbialite fabric that occurs over time must be considered in interpretation of ancient
thrombolite samples.
In Green Lake, the time scale for the formation of the thrombolitic platform has been
attributed to the origin of the lake basin ~11,000 years ago (Thompson et al., 1990). Although
this study found a presently forming mat at the surface of the platform, much of the substrate
(beneath the mat) is a very lithified, clotted structure, similar to what could be preserved in the
fossil record. Different factors within the Green Lake environment (i.e. annual whiting events,
seasonal mat production and lithification, possible lack of grazers, impact of ice) may have
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contributed to the production of the thrombolitic platform and its highly lithified structure.
Understanding the processes occurring within the currently forming mat at the surface of the
structure is necessary in understanding the potential for formation of the lithified clotted
structure beneath. An analysis of deeper sections of the platform as well as a comparison with
ancient thrombolite samples is necessary to understand the similarities in clotted fabric
preservation.

CONCLUSIONS
The main goal of this study was to identify major differences in physicochemical
conditions and thrombolitic fabrics within two contrasting modern thrombolite-forming
environments.
Green Lake, a meromictic hard water lake in northern New York, showed seasonal
variation in precipitation and microbial mat thickness. Precipitation occurred within the EPS
forming a micritized crust at the surface of the mat and was also seen through the cementation of
the trapped and bound sediment.
Highborne Cay, an open marine environment in the Bahamas, exhibited button structures,
which varied spatially in size and degree of mineralization. The button structures were made up
of trapped and bound sediment and vertically-oriented filamentous cyanobacteria. The trapped
and bound ooid grains were bored and cemented together deeper in the mat structure.
Calcification of the filaments as well as production of precipitates within the structure led to the
formation of partially-lithified clumps. Zones lacking precipitation and/or alteration of grains
were less stable and could be disintegrate, forming voids within the microbialite. Amount of
sediment and burial of the microbial mat played a role in the mat fabric and degree of
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precipitation. Daily tidal exposure at Highborne Cay appeared to play a role in the formation of
the structure.
In both locations changes in the environmental conditions appeared to play a role in
carbonate precipitation within the microbial mat. The environmental conditions dictate which
microbial populations are dominant and thus the likelihood of precipitation and dissolution.
Locally heterogeneous microbial populations at both locations could be responsible for spatial
variability in mineralization and dissolution leading to the formation of a clotted structure.
Although this research provides insight into microbialite formation in Green Lake and
Highborne Cay in response to external influences on microbialite formation (physicochemical
factors), it does not provide a complete explanation of thrombolite form and function. A full
understanding of thrombolite formation and preservation in Green Lake and Highborne Cay
requires an in-depth, interdisciplinary study of the composition of the microbial community, the
physicochemical factors, and the diversity and interaction of the microorganisms and their
environment. In order to understand how thrombolites developed in the past, it is necessary to
understand the processes of modern thrombolite development.

FUTURE DIRECTIONS:
More Locations
In comparing a closed lake (Green Lake, NY) and an open marine environment
(Highborne Cay, Bahamas) it is possible to identify major differences in physicochemical
conditions and thrombolitic fabric and the relationship between fabric and the environment. In
Green Lake, thrombolites are impacted by seasonal changes in the environment, while the
greatest changes in Highborne Cay occur due to tidal processes and temporary burial. These
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environmental changes have impacted the microbial community and ultimately the formation
and fabric of the microbialites.
It would be beneficial to incorporate additional thrombolite forming environments to
better understand the physicochemical parameters that play a role in the creation of a
thrombolitic fabric. Lake Clifton, a moderately saline lake in Western Australia, would provide
an opportunity to study thrombolites forming in a very different environment than those
previously studied. Previous research in Lake Clifton has attributed thrombolite formation to
clusters of calcified filamentous cyanobacteria (Moore and Burne, 1994).

CryoSEM
When processing samples for SEM and thin section analysis, the use of the drying agent
tetramethylsilane (TMS) dehydrates the EPS. This results in the collapse of the EPS structure,
which alters the integrity of the sample. Using low temperature microscopy (i.e. CryoSEM)
would allow for better investigation of microbial mat structure, location of initial precipitation,
etc. occurring within the samples.

Forced Precipitation Experiments
Precipitation experiments using additional enrichments or enrichments from other
locations would provide further insight into the processes behind mineral precipitation within a
microbial mat. An experiment using enrichments from Highborne Cay would allow for better
interpretation of the formation of calcified filaments and enhanced understanding of CaCO3
precipitation within the mat community. A shorter forced precipitation experiment may also aid
identifying the initial formation of precipitants within the structure (i.e. nano-spheroids).
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Molecular Microbial Diversity
Conducting 16s RNA gene sequencing and transcriptomics would allow for the
identification of microbial phylogenies within the mats in Highborne Cay and Green Lake.
Having a clearer idea of the microbial community structure and spatial distribution at these
locations is important in understanding the metabolic processes leading to precipitation and
dissolution of carbonate within the structure and the eventual formation of a thrombolite.

Comparison with Fossilized Samples
An analysis of fossilized thrombolite samples may aid in establishing a link between
stromatolite structure and environment. Differences in thrombolite formation are evident
between Green Lake and Highborne Cay and further analysis of both these sites and fossilized
samples may provide a link to the past if discernable differences can be seen between fossilized
thrombolite samples. If this is the case, modern thrombolitic fabrics could be used as an indicator
for past environmental conditions. A limitation of this research will be the effect of diagenesis.
Filamentous cyanobacteria and other cellular structures are rarely preserved in the fossil record
and many of the clotted features we find in Highborne Cay and Green Lake are directly related to
cellular or epicellular activity. However, this research shows that seasonality, exposure and
sediment supply may have an effect on microbial mat structure and thickness, which may allow
for certain features to be preserved and allow for interpretation of the rock record.
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